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ABSTRACT 

INTRODUCTION: Alzheimer’s disease (AD) mortality is the fifth leading cause of 

death in adults 65 years and older. Aging is the greatest risk factor for AD, and is 

associated with an increase in chronic, sterile, low-grade inflammation termed 

“inflammaging”. Inflammaging is caused, in part, by dysregulation of the immune 

system. Adaptive immune cells called T-lymphocytes (T-cells) are primary 

contributors to inflammaging. T-cells become dysregulated with aging because of 

impaired mitochondrial function, oxidative stress, and repetitive activation, which 

shift T-cells towards a pro-inflammatory or senescent state. T-cells have also recently 

been recognized as important regulators of cerebrovascular function in animals, and 

impaired cerebrovascular function is a hallmark of AD. However, whether T-cell 

function relates to human cerebrovascular function is not known. Further, the cause of 

T-cell dysregulation is not entirely understood. We and others have shown that higher 

endogenous low-density lipoprotein cholesterol (LDL-C) is related to lower immune 

cell mitochondrial function and treating T-cells with exogenous LDL-C impaired ATP 

production. Additionally, animal models have shown that LDL-C can act as a “neo-

antigen”, resulting in the activation of T-cells. OBJECTIVES: Therefore, the 

objectives of this study were to (1) determine whether T-cell mitochondrial respiration 

is predictive of cerebrovascular function in middle-aged humans and (2) determine 

whether treatment with a high concentration of LDL-C impairs mitochondrial 

respiration, induces activation and senescence, and increases intracellular cytokine 

production and mitochondrial oxidative stress, compared to treatment with a low 

concentration of LDL-C.  HYPOTHESES: (1) We hypothesized that higher T-cell 

mitochondrial respiration would be predictive of greater cerebrovascular function and 
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that higher T-cell glycolysis would be predictive of lower cerebrovascular function 

and (2) treatment with a high concentration of exogenous LDL-C would lower 

mitochondrial respiration, increase activation and glycolysis, pro-inflammatory 

cytokine production, and mitochondrial oxidative stress, and induce senescence in 

CD4+ and CD8+ T-cells from middle-aged adults. METHODS: Twenty middle-aged 

adults were recruited to assess the relation between mitochondrial respiration and 

cerebrovascular function, and eighteen middle-aged adults were recruited to determine 

the effect of exogenous LDL-C on T-cell function. T-cells were separated from 

peripheral blood mononuclear cells using magnetic bead separation. For the first 

objective, mitochondrial respiration was assessed by measuring oxygen consumption 

rate (OCR), and glycolysis was assessed by measuring extracellular acidification rate 

using extracellular flux analysis. Cerebrovascular function was assessed by measuring 

the change in blood flow velocity in the middle-cerebral artery (MCAv) during a 30-

second breath-hold. The breath-hold index (BHI) was calculated as the main outcome 

measure for cerebrovascular reactivity. For the second objective, CD4+ and CD8+ T-

cells were treated with a high and low physiological concentration of exogenous LDL-

C for 20-hours. Mitochondrial respiration and extracellular acidification rate (ECAR) 

were measured using extracellular flux analysis, and all other measures of T-cell 

function were measured using flow cytometry. RESULTS: We found that higher 

CD8+ basal was predictive of lower MCAv BHI (β=-2.20, R2=0.29, P=0.015), likely 

by modulating the sympathetic pressor response to the breath-hold. No measure of 

CD4+ T-cell mitochondrial respiration or ECAR were predictive of MCAv BHI. We 

also found that treatment with a high concentration of LDL-C impaired CD4+ T-cell 

basal (low: 0.75 ± 0.34 vs. high: 0.65 ± 0.35 pMol/min/10,000 cells, p=0.022), and 
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impaired CD4+ and CD8+ T-cell ATP-linked OCR (CD4+ low: 0.84 ± 0.31 vs. CD4+ 

high: 0.64 ± 0.33 pMol/min/10,000 cells, p=<0.0001; & CD8+ low:0.85 ± 0.35 vs. 

CD8+ high: 0.64 ± 0.14 pMol/min/10,000 cells, p=0.0024). Treatment with high LDL-

C also increased glycolysis in CD8+ T-cells (low: 0.20 ± 0.072 vs. high: 0.23 ± 0.089 

mpH/min/10,000 cells, p=0.025). Additionally, treatment with high LDL-C induced 

activation (CD4+ low: 6.78 ± 5.77 vs. CD4+ high: 19.16 ± 20.51%, p=0.0093; & CD8+ 

low: 12.75 ± 11.73 vs. CD8+ high: 27.91 ± 26.87%, p=0.0009) and senescence (CD4+ 

low: 1.04 ± 1.40 vs. CD4+ high: 2.40 ± 2.52%, p=0.0021; & CD8+ low: 13.01 ± 7.78 

vs. CD8+ high: 14.86 ± 8.10%, p=0.030) and increased the production of intracellular 

cytokines, such as IL-6 (CD4+ low: 72.49 ± 21.47 vs. CD4+ high: 77.19 ± 22.42%, 

p=0.0092; & CD8+ low: 74.48 ± 25.54 vs. CD8+ high: 78.72 ± 26.45%, p=0.0044)  

and mitochondrial oxidative stress (CD4+ low: 11.23 ± 7.12 vs. CD4+ high: 36.04 ± 

35.43%, p=0.0026; & CD8+ low: 4.90 ± 5.35 vs. CD8+ high: 20.17 ± 22.19%, 

p=0.0024) in both CD4+ and CD8+ T-cells, compared to the treatment with low LDL-

C.  CONCLUSION: Higher CD8+ T-cell glycolysis was associated with lower 

cerebrovascular function in humans. We also found that treatment with a high 

concentration of LDL-C impaired mitochondrial respiration and shifted T-cells 

towards glycolytic metabolism. Additionally, high LDL-C induced activation and 

senescence and the production of pro-inflammatory cytokine and mitochondrial 

oxidative stress. To prevent increases in T-cell inflammation and oxidative stress and 

preserve mitochondrial function it is important to maintain low concentrations of 

LDL-C with aging. Therapeutics targeting T-cells may provide novel treatments or 

preventative strategies for the development of age-related inflammatory diseases, such 

as AD. 
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Chapter 1 

REVIEW OF THE LITERATURE 

1.1 Introduction 

Alzheimer’s disease (AD) mortality has risen by 145% from 2000 to 2019 4, 

and the incidence will likely further increase considering the number of adults in the 

U.S. over the age of 65 is projected to double by 2050 5. The “amyloid cascade 

hypothesis” has traditionally been the accepted explanation for the etiology of AD. 

The amyloid cascade hypothesis generally states that a build-up of amyloid-β plaques 

in the brain, the primary pathological feature of AD, is also the root cause of AD.  

However, there are several problems that the Amyloid Cascade Hypothesis fails to 

account for 6. This has led to the development of alternative hypotheses in which 

processes such as cellular senescence, oxidative stress, metabolic dysfunction, 

inflammation, and vascular dysfunction lead to AD 7,8. In this regard, multiple studies 

have shown that cerebrovascular function is lower in people with AD and cognitive 

impairment and poor cerebrovascular function is a risk factor for neurodegenerative 

disease 9–16.  

It is now well recognized that cardiovascular diseases (CVD) and AD share 

many similar cardiometabolic risk factors, including aging, high cholesterol, 

hypertension, and arterial stiffness 17. Starting in mid-life, the accumulation of 

cardiometabolic risk factors over time may significantly increase later life AD risk 18–

22. Thus, it is important to delay the accumulation of cardiometabolic risk factors for 
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as long as possible. Cardiometabolic risk factors also contribute to “inflammaging” 23, 

a process characterized by an age-related imbalance of pro-inflammatory cytokines to 

anti-inflammatory cytokines, resulting in a low-grade, sterile chronic inflammation 24–

26.  Inflammaging is thought to be caused, in-part, by T-lymphocytes (T-cells) that 

become dysfunctional 27–29. T-cells are specialized cells in the adaptive immune 

system and have recently been identified to be involved in the pathogenesis of AD 30–

33 and CVD 34–36. T-cells become dysfunctional with normal aging, resulting in a shift 

towards a pro-inflammatory phenotype 28,37,38. Importantly, T-cells have also been 

shown to influence cerebrovascular endothelial function in various animal models, 

likely by modulating inflammation 39–41. While generally recognized for their ability to 

produce ATP, the mitochondria are also necessary for regulating proper T-cell 

activation, effector and memory function, proliferation, in addition to other functions 

3,42. The mitochondria are subject to age-related changes, resulting in impaired 

mitochondrial respiration 43,44. Impaired mitochondrial respiration, in turn leads to 

increased oxidative stress 45, resulting in a pro-inflammatory phenotype that drives 

early T-cell senescence 3,28,46,47.  

In this regard, impairing mitochondrial respiration in T-cells from young mice 

induced pre-mature aging, as well as widespread senescence and physiological 

dysfunction 42. Despite these data, it is not known whether T-cell mitochondrial 

dysfunction is associated with accelerated vascular aging in humans. The age-related 

processes that lead to changes in mitochondrial function are also not fully known. 

Cardiometabolic risk factors, such as elevated endogenous low-density lipoprotein 

cholesterol (LDL-C) have recently been linked to impaired mitochondrial respiration 

48,49 in human peripheral immune cells, which include T-cells. LDL-C has been shown 
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to induce mitochondrial dysfunction in other immune cells 50. Our preliminary data 

suggest that LDL-C may be activating T-cells. Additionally, LDL-C and the particle 

responsible for carrying LDL-C (e.g., apolipoprotein B-100; apoB) can become a 

“neo-antigen” for T-cells 51–53, possibly resulting in their repetitive activation. Over 

time, repetitive activation induces senescence and shifts T-cells to a more pro-

inflammatory state 28,37,38,54–56. Aging is associated with an increase in endogenous 

LDL-C, and peaks in mid-life 57,58. Thus, it may be that elevated LDL-C with aging 

induces T-cell activation, and overtime this may lead to T-cell senescence and pro-

inflammatory phenotype 28,37,38,54–56. Thus, this review will focus on the effect of LDL-

C on T-cell function (e.g., mitochondrial function, inflammation, activation, 

senescence, and oxidative stress) and the role that T-cell function plays in regulating 

endothelial function, specifically the endothelium in brain.  

1.2 Overview of the Immune System 

The immune system protects the body against foreign pathogens and 

substances using both humoral (e.g., antibodies) and cell-mediated immunity (e.g., 

phagocytosis, cytokines, & antigen-specific cellular apoptosis), provided by the innate 

and adaptive immune systems 1. Innate and adaptive immunity have separate roles but 

work closely together to protect the body against pathogens 1. The innate immune 

system provides general protection against the infiltration of foreign pathogens or 

substances and is also the body’s first response to foreign molecules that have 

infiltrated the body 1. These responses are rapid and non-specific, which end in 

pathogen elimination 1. In contrast to innate immunity, adaptive immunity is antigen-

specific, but the initial response is slower 1. This is because the adaptive immune 
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system possesses “immunological memory”, and immune cells with receptors for the 

specific antigen are required for the response 1. The response to a novel antigen is 

slower (e.g., primary response), as the body only possess a limited number of immune 

cells with a specificity for a given antigen 1. The speed with which the adaptive 

immune system responds also depends on previous encounters with the antigen and 

the presentation of the antigen by the innate immune cells 1. Importantly, each 

subsequent encounter with a previously encountered antigen allows for a more rapid 

and robust secondary immune response 1.  The protection the immune system offers 

against foreign pathogens is one of its most well-known characteristics; however, 

immune system dysfunction has more recently been recognized as a major contributor 

to the development of a multitude of chronic diseases, including endothelial 

dysfunction.  

1.2.1 The Innate Immune System 

 

 
Figure 1.1 Innate and Adaptive Immune Cells. Information in this figure can be found 

in Punt et al., 2018 1. Created with BioRender.com. 
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The innate immune system is comprised of  differentiated myeloid progenitor 

cells that committed to the myeloid lineage from hematopoietic stem cells found in the 

bone marrow 1. These immune cells include granulocytes, myeloid antigen-presenting 

cells, erythroid cells, and megakaryocytes (Fig. 1.1) 1. Granulocytes are comprised of 

neutrophils, eosinophils, basophils, and mast cells 1. These cells are generally the first 

to respond to a foreign pathogen or substance and have a variety of different functions 

depending on the cell type 1.  Myeloid antigen-presenting cells include monocytes, 

macrophages, and dendritic cells 1. While considered part of the innate immune 

system, these cells connect the innate and adaptive immune systems via their ability to 

present antigens to the adaptive immune cells (e.g., antigen presenting cells, APCs) 1. 

In addition to their role as APCs, these cells also engulf bacteria, cells or liquids (e.g., 

phagocytes and pinocytes), initiate immune responses, and regulate inflammation and 

immune cell communication and activation at sites of infection or damage 1. 

The primary function of erythroid cells or erythrocytes (red blood cells) is the 

transport of oxygen or carbon dioxide via a protein called hemoglobin. However, 

erythrocytes also have a small role in the immune system. In this respect, erythrocytes 

have the ability to express surface markers to attract macrophages and also damage 

microbes 1. Megakaryocytes are platelet-producing cells found in the bone marrow 1. 

Platelets act as barrier cells, as they are important for forming blood clots, which 

prevent pathogens from entering the body 1.  While outside the scope of this review, 

the innate immune system contributes to endothelial dysfunction, however, little 

literature exists exploring the relation between the innate immune system and 

cerebrovascular endothelial dysfunction within the context of healthy aging. In this 

regard, neutrophils 59–63, monocytes and macrophages 64,65, contribute to endothelial 
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dysfunction and/or atherosclerosis, a condition preceded by endothelial dysfunction 

66,67.  

1.2.2 The Adaptive Immune System 

The adaptive immune system is comprised of three groups of lymphocytes that 

differentiate from lymphoid lineage cells 1. These include B-lymphocytes (B-cells), T-

cells, and innate lymphoid cells (ILCs), of which natural killer (NK) cells are the most 

common (Figure 1.1) 1. Lymphocytes can be differentiated by uniquely expressed 

surface proteins (e.g., clusters of differentiation, CD) 1. For example, T-cells can be 

subdivided into T-helper (TH) and cytotoxic T-cells (TC) via their respective surface 

markers (CD4+ vs. CD8+) 1. The function of lymphocytes depends on where they are 

in their life cycle. Newly formed lymphocytes are called “naïve” and have not yet 

encountered an antigen 1. Once an antigen encounters a naïve cell with a specific 

receptor for that antigen (antigen-specific receptor), the cell begins to rapidly 

proliferate and differentiate, producing more cells with identical antigen-specific 

receptors 1. Naïve lymphocytes differentiate into effector cells, and a subset of effector 

cells will differentiate into memory cells 1,68. The effector cells are responsible for 

initiating the immune response 1. A small proportion of effector cells will survive 

following the immune response and will return to a quiescent state as memory cells 1. 

Memory cells have a longer half-life and are what provide us with “immunological 

memory”, mediating a faster and more robust secondary immune response in response 

to the same antigen in the future1.  The differentiation process can differ depending on 

the type of lymphocyte.  
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B-cells are formed in the bone marrow 1. Mature B-cells can be identified by 

the expression of a B-cell receptor (BCR) 1. This receptor is responsible for binding 

antigens to an antibody bound to the B-cell’s membrane 1. The surface antibody is 

antigen specific, and each B-cell expresses a different surface antibody  1. Once 

activated, B-cells have a variety of functions. Activated B-cells act as APCs and 

stimulate T-cell activation; the latter results in B-cell differentiation into effector B-

cells or plasma B-cells via CD4+ TH cell mediated cytokine cross-talk 1. Plasma cells 

are responsible for the production and secretion of antigen specific antibodies, and 

those that survive the antigen encounter remain in circulation as memory B-cells 1.  

 

 
Figure 1.2. CD4+ and CD8+ T-cell Anatomy. Adapted from Punt et al. 2018 1. 

Created with BioRender.com. Abbreviations: MHC, major histocompatibility 

complex; CD, cluster of differentiation; & TCR, T-cell receptor. 

Like B-cells, T-cells also derive their name from their point of maturation, 

which is in the thymus 1. T-cell progenitor cells can develop into two different 

lineages, including αβ and γδ T-cell subsets 69. αβ T cells are the most abundant 

lineage (95-99.5%) 70, thus this review will primarily focus on this subset. T-cells do 
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not produce antibodies, and instead either assist other immune cells in responding to 

an antigen (CD4+) or by directly eliminating the antigen (CD8+) 1. T-cells express a T-

cell receptor (TCR), which is a surface receptor that binds to specific antigen 

fragments (Figure. 1.2) 1. These antigen fragments must be presented to T-cells bound 

to major histocompatibility complexes (MHC) on the cell membranes of APCs 1. 

CD4+ T-cells recognize MHC class II (MCH-II) molecules, whereas CD8+ T-cells 

recognize MHC class I (MCH-I) molecules 1. CD4+ T-cells are considered TH cells, 

and generally assist with mediating the immune responses of other immune cells (e.g., 

B-cells & CD8+ T-cells) 1. Naïve CD4+ T-cells are activated once they recognize an 

antigen fragment bound to MHC-II, and will then proliferate and differentiate into a 

variety of effector subsets (TEFF) 1. These subsets can be recognized by their uniquely 

expressed surface proteins (e.g., CDs) and cytokines that they produce 1. Naïve CD4+ 

T-cells can also undergo a separate lineage commitment and differentiate into 

regulatory T-cells (TREG) 1. Rather than assisting other immune cells to initiate an 

immune response, TREG act as inhibitors 1. These regulatory cells are necessary to 

prevent immune responses to self-antigens (e.g., autoimmune responses) and an 

uninhibited immune response 1. Effector TREG and TEFF will eventually differentiate 

terminally into central memory TH 
68. With the help from CD4+ TH, naïve CD8+ TC are 

activated once they encounter a receptor specific antigen bound to an MHC-I complex 

and then proliferate and differentiate into central memory, effector memory, and 

eventually terminally differentiated T-cells 1,68. However, unlike CD4+ TH, CD8+ TC 

directly eliminate non-self-antigens  1.   

Innate lymphoid cells (ILCs) are the last group of lymphocytes 1. They can be 

divided into three subgroups (e.g., ILC1, ILC2, and ILC3), but the most well-known 
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ILC are natural killer cells (NK) within the ILC1 subgroup 1. ILCs do not have an 

antigen-specific receptor and are instead categorized by the cytokines produced 1. 

ILCs are found in the skin and mucous, making them one of the first barriers for 

foreign antigens to bypass before accessing the body 1. NK cells are cytotoxic and 

eliminate cells by either releasing cytotoxic granules that attack cells that do not have 

MHC-I complexes or by binding antibodies to their surface receptors 1. The antibodies 

bind to antigens on infected cells, allowing the NK cells to release their cytotoxic 

granules resulting in cellular death 1. Research investigating the role that NK cells play 

in endothelial dysfunction is scarce. Thus, the subsequent sections of this review will 

focus primarily on B-cells and T-cells.  

1.3 The Effect of Cardiometabolic Risk Factors on T-cell Function 

 1.3.1 T-cell Activation 

In order to combat a foreign antigen, naïve T-cells needed to be activated in 

order to proliferate and differentiate into their effector and memory subtypes. If a 

naïve T-cell does not encounter an antigen bound to a compatible MHC on APCs, it 

will re-enter the circulation and continue its search in other tissues 1. The accepted 

explanation for naïve T-cell activation is called the “two-signal hypothesis” 1.  Despite 

its name, this hypothesis postulates that there are three signals necessary for T-cell 

activation 1. The first signal is the interaction between the TCR from the T-cell and the 

MHC-antigen complex from an APC, and the CD4+ and CD8+ surface proteins act as 

co-receptors that bind to their respective MHC-antigen complexes 1.  
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To induce proliferation in vitro, monoclonal CD3 antibodies can be used as a 

surrogate for the TCR and MHC-antigen complex interaction (e.g., signal 1) 1. The 

second signal involves the interaction between the CD28 receptor on T-cells and co-

stimulatory ligands on the APC (e.g., CD80/CD86) 1. As a result of the first and 

second signal, cytokines are produced (e.g., IL-2) that initiate T-cell proliferation and 

differentiation via polarizing cytokines 1. The cytokines act as the third signal in T-cell 

activation, which determines the fate of the naïve T-cell 1. An example of CD4+ TH 

cell activation is depicted in Figure 1.3.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.3. CD4+ T-cell activation. Adapted from BioRender.com and Punt et al., 

2018 1. Created with BioRender.com. Abbreviations: APC, antigen-presenting cell; 

MHC II, major histocompatibility complex-II; CD, cluster of differentiation; TCR, T-

cell receptor; IL, interleukin; INFγ, interferon γ; TGF-β, transforming growth factor β; 

& TNF-α, tumor necrosis factor α. 
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Aging is associated with an imbalance of naïve to memory T-cells because of 

thymic involution and repetitive activation 28,71. The thymus is responsible for the 

generation of naïve T-cells and is also where T-cell development occurs 71. As the 

thymus becomes involuted, the number of naïve T-cells generated decreases, while the 

pool of effector and effector memory T-cells increases as a result of activation 28,72,73.  

In a study of healthy children and adults, the ratio of memory to naïve T-cells began to 

decrease at 37.4 and 29.5 years of age for CD4+ and CD8+ T-cells, respectively 74. 

This loss of T-cell repertoire increases the risk of severe infection in older populations 

28,71, and the increased pool of circulating memory T-cells contributes to inflammaging 

28. Importantly, naïve T-cell activation can occur independent of viral antigen 

encounters, such as through the interaction with neo-antigens (e.g., LDL-C) 51–53.  

In this regard, T-cells from atherosclerotic mice immunized with oxidized 

LDL-C were activated in response to LDL-C exposure by APC, but not oxidized 

LDL-C exposure 53. The recognition of LDL-C as a neo-antigen may depend on the T-

cell subtype being exposed. For example, exogenous LDL-C treatment inhibited 

Vγ9Vδ2 T cell activation 75. Vγ9Vδ2 T cells do not require MHC antigen presentation 

or co-stimulation, and function as both innate and adaptive immune cells acting as 

APCs 76. They are also one of the least abundant T-cells in humans, 77 and given their 

different activation pathway, their reactivity to LDL-C may not represent that of the 

more abundant αβ T-cell lineage.  As endogenous LDL-C increases with aging 57,58, it 

may be that increased endogenous LDL-C in mid-life contributes to the accumulation 

of activated memory T-cells, via repetitive T-cell activation. Over time, repeated 

activation leads to senescent T-cells  with a shift towards a more pro-inflammatory 

phenotype and inflammaging 28,37,38,54–56.  
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1.3.2 T-cell Senescence 

For the purposes of this review, T-cell senescence will be defined as age-

related T-cell dysregulation because of a build-up of terminally differentiated T-cells 

28,55. Senescent T-cells produce and secrete a greater amount of pro-inflammatory 

cytokines, exhibit increased mitochondrial dysfunction, and also become less 

responsive to stimulation resulting in decreased proliferation 28,55. As previously 

mentioned, T-cell senescence is a result of repetitive activation resulting in telomere 

shortening (e.g., replicative senescence); however, T-cell senescence can also be 

induced by cellular stress from other external stresses, such as pre-mature senescence 

caused by TREG signaling 56. Effector memory and terminally differentiated T-cells 

exhibit the greatest proportion of senescent cells compared to naïve and central 

memory T-cells 78. It appears that certain T-cell subtypes have more resilience against 

senescence, for example CD4+ TH appear resist senescence more than CD8+ TC 
28

.. 

Aging increased the populations of pro-inflammatory and cytotoxic CD4+ TH cells, 

mimicking a phenotype similar to CD8+ TC 37. Additionally, aging also appears to 

increase TH17 cells, which are a pro-inflammatory type of CD4+ TH and a decrease in 

anti-inflammatory CD4+ TREG 
38.   Mittlebrunn and Kroemer., (2021) argue that the 

resilience to senescence that CD4+ TH exhibit might be due to the higher oxidative 

capacity of CD4+ TH compared to CD8+ TC 28. Indeed, impairing oxidative 

phosphorylation in CD4+ TH induced wide-spread premature senescence in young 

mice and the T-cells from these mice exhibited a pro-inflammatory phenotype similar 

to that of aged mice, which led to an increase in systemic inflammation 42.  
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1.3.3 T-cell Mitochondrial Function 

In this review, mitochondrial dysfunction will be defined as the impaired 

ability for the electron transport chain (ETC) to produce ATP in response to an 

energetic demand, with a shift towards increased production of reactive oxygen 

species (ROS) and a decrease in ATP production. Mitochondrial respiration is a 

measure of the oxygen consumption by the ETC in the mitochondria and is indicative 

of the mitochondria’s ability to produce energy via oxidative phosphorylation.  The 

mitochondria are essential for T-cell function 3, and are the major organelle 

responsible for the production of ATP in mammalian cells 79. The ETC uses the 

energy stored in electron donors produced by the oxidation of carbohydrates and fats , 

and protein via in glycolysis, the tricarboxylic acid (TCA) cycle and fatty acid 

oxidation (Figure. 1.4) 79,80.  

 
Figure 1.4. Cellular Bioenergetics. Adapted and recreated from Nsiah-Sefaa & 

McKenzie, 2016 2. Created with BioRender.com. Abbreviations: FOA, fatty acid 

oxidation; NADH, nicotinamide adenine dinucleotide + hydrogen ion; NAD, 
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nicotinamide adenine dinucleotide; tricarboxylic acid, TCA; and OXPHOS, oxidative 

phosphorylation.  

The ETC is comprised of four protein complexes (e.g., complex I – complex 

IV) and two electron carriers in the intermembrane space 79,80. The electron carriers 

pass electrons across complexes in the ETC to produce energy to allow for protons to 

be pumped against their concentration gradient from the mitochondrial membrane into 

the intermembrane space at complexes I, III, and IV 79,80. Additionally, the electrons 

are donated in complex IV convert O2 to H2O to transfer an additional proton for each 

electron transporter 79,80.  The electrons are supplied by the electron transporters 

nicotinamide adenine dinucleotide (NADH) and flavin adenine dinucleotide (FADH2) 

that are by-products of the TCA cycle and fatty acid oxidation 79,80. These electron 

transporters are then oxidized to NAD+ and FADH.  When the protons are transported 

against their concentration gradient this creates an electrochemical gradient that causes 

the F1 domain of ATP-synthase (e.g., complex V) to act as a rotor 79,80. The rotation of 

the F1 domain of complex V induces a conformational change at binding sites of the F0 

domain, resulting in the phosphorylation of bound ADP to ATP 79,80. However, 

oxidative phosphorylation is not always coupled to the production of ATP and can 

lead to the production of mitochondrial ROS (mtROS). mtROS are produced as a 

product of mitochondrial respiration 81, which may act as important signaling 

molecules 82.  primarily produced at complex I, II, and III 81,83. Complex I is one of the 

larger generators of mtROS 83, and it generates mtROS via multiple mechanism. The 

first is caused by a reduction in the mitochondrial respiration rate, which causes a 

buildup of NADH,  leading to an increase in the NADH/NAD+ ratio and a resultant 

increase in the production of mtROS  83. Complex I can also produce mtROS via 
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reverse electron transport, where electrons are shuttled backward in the ETC to 

complex I because of a change in the proton motor force as a result of low ATP 

production, and NAD+ is reduced to NADH 83.  Complexes II and III are also mtROS 

generators, but the production is generally low under normal physiologic conditions 

81,83. mtROS can also be generated from other mitochondrial enzymes 83, but this 

review is mainly concerned with the mtROS production from the ETC complexes. For 

a more comprehensive review of the mtROS production by the mitochondria, refer to 

a review by Murphy, (2009) 83.   

T-cell metabolism changes depending on the stage in the life cycle of the T-

cell. Naïve T-cells produce most of their energy via oxidative phosphorylation 3,84–86. 

Following activation, naïve T-cells proliferate and differentiate into TEFF and switch 

from oxidative to primarily glycolytic metabolism to meet the high energetic demand 

during proliferation via aerobic glycolysis 3,84,85. This process is termed the Warburg 

Effect, where in the presence of oxygen, glucose is metabolized to lactate 84. However, 

this is not to say that activated T-cells are entirely glycolytic, because the oxidative 

phosphorylation is required in early stages of T-cell activation 84,86. Thus, oxidative 

metabolism also increases following antigen presentation 84,86. Similar to naïve T-

cells, quiescent memory T-cells primarily utilize fatty acid oxidation and oxidative 

phosphorylation, but upon activation, they shift predominately towards aerobic 

glycolysis 84,85. With aging, cells become senescent, and senescent T-cells have 

impaired oxidative metabolism resulting in increased mtROS production 85,87. 

Senescent cells are also more inflammatory compared to non-senescent cells, and this 

may be driven, in-part, by mitochondrial dysfunction 3,28,55. In this regard, pro-

inflammatory T-cells tend to utilize glycolytic metabolism, whereas, anti-
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inflammatory T-cells utilize more oxidative metabolism 84. Additionally, promoting 

oxidative metabolism shifts T-cells to be more anti-inflammatory, whereas conditions 

that favor glycolysis promotes pro-inflammatory T-cells 3.   It should be noted that 

mitochondria are essential for many other functions other than energy production in T-

cells. These include events such as T-cell activation and effector and memory 

function, in addition to other functions  (Figure 1.5) 3.  More comprehensive reviews 

on both T-cell metabolism and the role that the mitochondria play in T-cell function 

can be found here 3,84–87.  

 

 

 

 

 

 

Figure 1.5. Mitochondrial Regulation of T-cells. Adapted and recreated from Desdín-

Micó, Soto-Heredero, & Mittlebrunn, 20183. Created with BioRender.com. 

Abbreviations: ROS, reactive oxygen species; SRC, spare respiratory capacity; FOA, 

fatty acid oxidation; and OXPHOS, oxidative phosphorylation.  
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Aging appears to induce metabolic changes in T-cells, and has been associated 

with a decrease mitochondrial respiration in T-cells in both mice and humans 42–44. 

However, this is not conclusive across all studies and may depend on the T-cell 

subtype being studied 88,89. The decrease in mitochondrial respiration increases pro-

inflammatory cytokine production in CD4+ TH 42, and impairing mitochondrial 

respiration can induce premature senescence 90. Despite these data, it is not known 

what physiological processes with aging induce mitochondrial dysfunction. One 

explanation might be an increase in endogenous LDL-C that occurs with age. Indeed, 

our laboratory and others have found that endogenous LDL-C concentration is 

associated with lower mitochondrial respiration in human peripheral blood 

mononuclear cells 48,49, which includes T-cells.  

Ex vivo data also shows that treatment with exogenous LDL-C impaired ATP-

production and decreased mitochondrial DNA and mitochondrial mass in Vγ9Vδ2 T 

cells, although this was not associated with an increase in ROS or inflammatory 

cytokine production 75. Additionally, cholesterol impairs mitochondrial function via 

several mechanisms in other immune cells, such as macrophages 50.Unbound -

cholesterol in the cell enters the mitochondria, where its metabolism to oxysterol 

results in a decrease in endogenous antioxidants and an increase in mtROS and 

oxidative stress, resulting in increased mitochondrial DNA damage and decreased 

respiration 50. More mtROS are produced because of the impaired respiration, 

resulting in a vicious cycle 50. This cycle is exacerbated by a decrease in antioxidant 

transport into the mitochondria by the accumulation of  cholesterol in mitochondrial 

membrane 50. These processes ultimately result in the cell adopting a pro-

inflammatory phenotype 50. Importantly, aging appears to increase the accumulation of 
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cholesterol in CD4+ TH and CD8+ TC 91, and treatment with exogenous LDL-C 

increases intracellular cholesterol in Vγ9Vδ2 T cells 75. Thus, the accumulation of 

intracellular cholesterol from LDL-C with age may induce mitochondrial dysfunction 

in T-cells in similar fashion leading to premature senescence. 

1.4 The Role of Vascular Dysfunction in Alzheimer’s Disease 

The vasculature has recently been recognized to play a causal role in the 

development of AD 7,8, including dysfunction in the peripheral 92 and 

cerebrovasculature 9–16,93–95. Cerebrovascular dysfunction associated with AD can be 

characterized by cerebral hypoperfusion 93–95 or reduced reactivity of the cerebral 

vessels to a stimuli (e.g., cerebrovascular reactivity, CVR) such as an increased 

partial-pressure of arterial CO2 (e.g., hypercapnia) 9–16.  For the purposes of this 

review, the reactivity of the cerebral vessels to hypercapnia will be discussed. Our 

laboratory has successfully induced hypercapnia using multiple methods to increase 

cerebral blood flow in adults across the lifespan. Because of our prior experience 

using the breath-hold assessment, and the sensitivity of breath-hold to detect 

differences between healthy controls, and patients with pre-clinical and Alzheimer’s 

disease 96, a breath-hold protocol will be used in this study. There are multiple 

mechanisms which govern the CVR response to hypercapnia, including smooth 

muscle cell tone and the function of the endothelium, pericytes, and astrocytes 97.  
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Figure 1.6. Muscular Artery Cross-Section and Endothelial Nitric Oxide Production. 

Created with BioRender.com. Abbreviations: eNOS, endothelial nitric oxide synthase; 

NO, nitric oxide; GC, guanylyl cyclase; cGMP, cyclic guanosine monophosphate; 

cGKI, (cGMP)-dependent protein kinase type I; T-cells, T-lymphocytes; RBC, red 

blood cell; & LDL-C, low-density lipoprotein-cholesterol. 

This review will be focused on the role of the endothelium in modulating 

CVR. The endothelium is a semipermeable single-cell monolayer lining all blood 

vessels that interacts with the vascular smooth muscle to control several important 

physiologic functions that maintain vascular homeostasis (Figure 1.6) 98,99  This 

section will focus on the ability of the endothelium to regulate vascular tone and blood 

flow in the brain. In this regard, the endothelium plays a critical role in regulating 

cerebral blood flow and CVR 100. The endothelium can become dysfunctional, which 

can result in aberrant cerebrovascular function 100. Endothelial dysfunction is generally 
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accepted to be caused by an imbalance of endogenous vasodilators to vasoconstrictors, 

and is characterized by impaired endothelial-dependent vasodilatory capacity of the 

blood vessel 101,102.  Nitric oxide (NO) is a major endogenously produced free radical 

that acts as a vasodilator 99,102. NO is synthesized by an enzyme called NO synthase 

(NOS) 99. There are three NOS enzyme isoforms which include endothelial NOS 

(eNOS), inducible NOS, and neuronal NOS 99. In the endothelium, eNOS oxidizes L-

arginine to L-citrulline, resulting in the synthesis and release of NO (Figure 1.6) 99.  

NO induces vasodilation via the guanylyl cyclase (GC) and cyclic guanosine 

monophosphate (cGMP)-dependent protein kinase type I (cGKI) pathway 103. After 

being synthesized in the endothelium, NO diffuses into the vascular smooth muscle 

where it interacts with GC to generate cGMP 103. cGKI is stimulated because of the 

increased cGMP concentration, resulting in the relaxation of the vascular smooth 

muscle 103.  

While the extent that NO contributes to sustained CVR is debated, NO appears 

to be necessary for shear-mediated dilation of larger cerebral vessels 97,104. 

Additionally, the production of NO by the endothelium seems to be necessary for 

maintaining cerebral blood flow 100. The breath-hold stimulus is also relevant to AD, 

because people with AD exhibit significantly lower CVR to a 30-second breath-hold 

105,106.  

Endothelial dysfunction increases with age, due to an age-related decrease in 

NO bioavailability and other factors such as reduced L-arginine availability 102. The 

decrease in NO bioavailability is caused by the reaction between NO and superoxide 

radical (O2
-) to form peroxynitrite (ONOO−), or by the reduced abundance and/or 

uncoupling of eNOS, in addition to other factors  101,102,107.  Normally, the endogenous 
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antioxidant defense system scavenges for ROS to maintain homeostasis; however, 

when the concentration of ROS exceeds the capacity of the antioxidant defense 

system, then this results in oxidative stress 108.  Antioxidants can reduce ROS in 

multiple ways. Antioxidants will first try to prevent the formation of ROS 109. An 

antioxidant like glutathione peroxidase will reduce hydrogen peroxide to water, as an 

example 109. Antioxidants will also scavenge for existing ROS and degrade and 

remove oxidized proteins to prevent their accumulation 109.  ROS have unpaired 

electrons in the outer valence and oxidize other molecules when they accept electrons, 

causing other molecules to become unstable  109. Thus, one way in which antioxidants 

scavenge for ROS is by reducing them by donating an unpaired electron to ROS to 

stabilize them 108,109. As a result, the ROS can no longer act as oxidants.  

Nicotinamide adenine dinucleotide phosphate (NADPH) oxidase (NOX) 

enzymes are major sources of ROS generation 102 via the transfer of electrons to 

oxygen and the generation of O2
- and other ROS downstream of this 110. NOX activity 

has been shown to be deleterious for endothelial function, and reducing NOX activity 

improves endothelial function  102. The mitochondria are also major sources of ROS 

generation, with mtROS also being major contributors to endothelial dysfunction  102. 

Likewise, reducing mtROS improves endothelial function  102. There is also evidence 

that oxidative stress may contribute inflammaging  102. Importantly, oxidative stress 

and the loss of NO impairs cerebrovascular endothelial function and vessel dilation 111. 

There are other pathways that contribute to oxidative stress; however, they are outside 

the scope of this review  102.  In addition to oxidative stress, inflammation also 

contributes to endothelial dysfunction 102. Pro-inflammatory cytokines such as 

interferon-γ (INF-γ) 112, tumor necrosis factor-α (TNF-α) 113,114, interleukin-6 (IL-6) 
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114,115 , and interleukin-17 (IL-17) 116 contribute to endothelial dysfunction by altering 

NO bio-availability and increasing ROS. Whereas anti-inflammatory cytokines, such 

as interleukin-10 (IL-10) are protective of endothelial function by reducing ROS and 

the activity of other pro-inflammatory cytokines 117,118. 

1.5 The Role of Lymphocytes in Regulating Vascular Function 

1.5.1 The Role of B-cells in Regulating Vascular Function 

B-cells have been shown to be important regulators vascular function in age-

related cardiac and vascular diseases including hypertension, atherosclerosis, vascular 

disease, heart failure  119–124. B-cells may also play a role in regulating endothelial 

function. For example,  Xia et al., 2021 have shown that removing B-cells induced 

endothelial dysfunction in healthy mice, and that adoptive transfer of naïve B-cells 

restored endothelial function 63. The protection conferred by B-cells was thought to be 

caused by their ability to regulate neutrophil number 63. However, B-cells may not be 

entirely protective of endothelium.  

B-cells may induce endothelial dysfunction via the secretion of autoantibodies 

63.   For example, patients with idiopathic pulmonary hypertension exhibited increased 

B-cell produced anti-endothelial cell autoantibodies 125. Patients with peripheral artery 

disease had increased concentrations of anti-endothelial cell autoantibodies, relative to 

healthy controls, and endothelial function was lower in those with higher 

concentrations of autoantibodies 126. Additionally, patients with Wegener’s 

granulomatosis and systemic lupus erythematosus had elevated concentrations of anti-

endothelial cell autoantibodies, resulting in endothelial activation and a pro-
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inflammatory phenotype 127,128. B-cell secreted antibodies have also been shown to 

reduce endothelial NO production and induce endothelial apoptosis 129,130. 

Additionally, B-cell antibodies in the serum from people infected with the SARS-

COV2 virus may also drive endothelial activation and dysfunction 131.  Despite these 

data, there is a greater preponderance of evidence demonstrating T-cells are important 

regulators of vascular function. Thus, this study will only focus on the interaction 

between T-cells and the vasculature.  

1.5.2 The Role of T-cells in Regulating Vascular Function 

T-cells are important regulators of cardiovascular function in humans. 

Aberrant T-cell function can result in a pro-inflammatory phenotype that contributes 

to CVD  34–36. As previously discussed, the mitochondria in T-cells are essential for 

regulating normal T-cell function 3,42. For instance, impaired CD4+ mitochondrial 

function led to increased production and secretion of pro-inflammatory cytokines, 

such as INF-γ, TNF-α, and IL-6 42. As previously discussed, inflammation contributes 

to impaired endothelial function. Indeed, a large body of animal literature exists to 

show that T-cells modulate endothelial function via increased inflammation and 

oxidative stress. Thus,the following section will discuss the role that T-cells play in 

regulating endothelial function.  

Guzik et al., (2007) showed that mice bred to lack both B-and T-cells (RAG1-/-

) are protected from angiotensin-II induced (ANG-II) endothelial dysfunction 132. 

ANG-II induces hypertension through multiple mechanisms, including increased 

vasoconstriction, oxidative stress, sympathetic activity, and renal sodium reabsorption 

133,134. Additionally, these knockout mice had significantly lower aortic superoxide 
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production in response to ANG-II and desoxycorticosterone acetate (DOCA)-salt 

infusion compared to control mice 132. The DOCA-salt hypertension model is ANG-II 

independent and induces hypertension via aldosterone mediated sodium reabsorption 

and by increasing oxidative stress, in addition to other mechanisms 135. Further 

experiments showed that the observed endothelial protection was caused specifically 

by T-cell depletion. In this regard, T-cell adoptive transfer into RAG1-/- mice treated 

with ANG-II restored the aortic production of superoxide, and abolished the 

endothelial protection conferred by lymphocyte depletion 132.  However, the adoptive 

transfer of B-cells had no effect on aortic O2
- production 132. In addition to the 

production of O2
-, T-cell mediated inflammation may also have contributed to the 

ANG-II induced endothelial dysfunction. ANG-II infusions increased T-cell O2
- 

production, and in vitro T-cell activation significantly increased TNF-α concentrations 

132. Blocking the TNF-α receptor in vivo prevented the hypertensive (HT) response 

and increased aortic O2
- production in response to ANG-II 132. T-cell activation to 

ANG-II was only increased when T-cells were co-incubated with ANG-II and anti-

CD3, and this effect was negated with the addition of an NADPH oxidase inhibitor 132.  

The effect of T-cells on endothelial function may be dependent on the T-cell 

subtype. For instance, Guzik et al., (2007) found in mice that the number of CD4+ TEFF 

was increased in the ANG-II  mouse model of hypertension 132. In this regard, 

Barhoumi et al., (2011) found in mice that the adoptive transfer of CD4+ TREG in mice 

protected the endothelium from ANG-II more so than the adoptive transfer of CD4+ 

TEFF 
136. This protection was likely provided via the production of NO, as the infusion 

of NG-nitro-L-arginine methyl ester (L-NAME) abolished the dilatory response to 

acetylcholine following the adoptive transfer of either cell type 136. L-NAME works by 
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blocking NO production by inhibiting the three NOS isoforms 137. The adoptive 

transfer of only CD4+ TREG also prevented increases in vascular cell adhesion molecule 

1 136, a marker of endothelial dysfunction 138. Importantly, the adoptive transfer of 

CD4+ TREG, but not CD4+ TEFF, prevented increases in oxidative stress in cardiac tissue 

in response to ANG-II, as evidenced by the reduced NADPH oxidase activity 136. This 

may explain why the adoptive transfer of CD4+ TREG promoted greater endothelial 

protection compared to CD4+ TEFF.  

Barhoumi et al., (2011) also showed that the adoptive transfer of only CD4+ 

TREG may also reduce inflammation in response to ANG-II. The adoptive transfer of 

CD4+ TREG prevented a significant increase in circulating inflammation, as evidenced 

by reduced inflammatory cytokines produced in response to ANG-II 136. In accordance 

with these data, Kassan et al., (2011) showed that endothelial function was preserved 

in ANG-II hypertension in mesenteric arteries that were incubated with media 

conditioned by CD4+ TREG, but not control media 139. This protection is conferred 

specifically by CD4+ TREG, as the same effect was not seen when the arteries were 

incubated with conditioned with CD4- T-cells 139. These results were also seen in 

coronary arteries of ANG-II HT mice, where the adoptive transfer of CD4+ TREG 

preserved endothelial function in an NO-dependent manner 140. The HT mice that 

received the adoptive transfer of CD4+ TREG had preserved eNOS activation, as 

evidenced by preserved phosphorylated eNOS 140. These HT mice also had elevated 

concentrations of cardiac TNF-α and increased expression of ICAM and vascular cell 

adhesion molecule in the coronary arteries, which were not elevated in mice that 

received the CD4+ TREG adoptive transfer 140. Radwan et al., (2019) confirmed the 

endothelial protective role that CD4+ TREG play in hypertension. They showed that the 
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adoptive transfer of CD4+ TREG in ANG-II HT mice preserved mesenteric resistance 

artery endothelial function 141. This was likely due to an upregulation of NADPH 

isoforms NOX2 and NOX4 142 and increased NADPH oxidase activity in mesenteric 

resistance arteries from the HT mice, which was attenuated with the adoptive transfer 

of CD4+ TREG 
141. The adoptive transfer of CD4+ TREG also preserved eNOS and AKT 

activity 141, the latter of which is a protein that is critical for vascular function (e.g., 

vasodilation) 143. The adoptive transfer of CD4+ TREG also protect mesenteric artery 

endothelial function in an NO-dependent manner in an aldosterone model of mice 

hypertension 144.  

CD4+ TREG adoptive transfer also prevented increases in NADPH oxidase in the 

aorta and the heart of the mice 144, although the adoptive transfer was not able to 

prevent against increases in vascular cell adhesion molecule 1 144.    

CD4+ TREG may confer their protection via the production of anti-inflammatory 

cytokine IL-10. The HT mice that received the adoptive transfer of CD4+ TREG had 

preserved plasma IL-10, whereas plasma IL-10 concentrations were reduced in the HT 

mice that did not receive the adoptive transfer 140. Furthermore, blocking IL-10 in 

mesenteric arteries from HT mice that were incubated with the CD4+ TREG conditioned 

media with IL-10 specific antibodies or receptor blockage abolished the protective 

effect, and this also elevated NADPH oxidase activity 139.  Additionally, treating 

mesenteric resistance arteries from HT mice with IL-10 significantly reduced NADPH 

oxidase activity after at least 30-minutes 139. These results were confirmed in vivo. 

ANG-II HT mice that were treated with IL-10 for 2-weeks had preserved mesenteric 

endothelial function in an NO-dependent manner 139. The mesenteric arteries from HT 

mice that received the IL-10 treatment also had significantly lower NADPH oxidase 



 

 27 

activity and increased eNOS activation 139. Additionally, Radwan et al., 2019 showed 

that mesenteric arteries from HT mice had decreased IL-10 and increased TNF-α and 

IL-6, and mice that received the adoptive transfer with CD4+ TREG were protected from 

these changes 141.  

CD8+ TC have also been shown to negatively affect endothelial function and 

blood pressure. In this regard, knocking out CD8+ TC in ANG-II HT mice preserved 

endothelial function, whereas knocking out CD4+ TH did not 145. Additionally, CD4-/-, 

but not CD8-/- mice exhibited a HT response to ANG-II infusion 145. In middle-aged 

adults humans (aged 51.6 ± 11.2 years, mean ± STD), it has also been shown that HT 

patients have elevated concentrations of senescent CD8+ TC, and CD8+ TC were more 

likely to produce pro-inflammatory cytokines TNF-α and IFN-γ 146. Additionally, a 

higher proportion of senescent CD8+ TC was associated with increased arterial 

stiffness in middle-aged adults humans (aged 59.4 ± 11.7 years, mean ± STD), and 

these cells secreted a greater amount of INF-γ and TNF-α when stimulated 147. RAG1-

/- mice that had pan T-cells (both CD4+ and CD8+) or CD8+ TC T-cells adoptively 

transferred had a significantly elevated systolic and diastolic blood pressure response 

to ANG-II 145. Whereas, the RAG1-/- mice that received the adoptive transfer of CD4+ 

TREG did not exhibit a blood pressure response to ANG-II, similar to that of the control 

mice that did not receive an adoptive transfer of cells 145. Furthermore, the adoptive 

transfer of CD4+ TREG in wild-type mice abolished the HT response in response to 

ANG-II 145. While CD4+ TREG might be protective under most circumstances, some 

CD4+ TH cells subsets may contribute to hypertension.  For instance, HT adults had 

significantly elevated proportions of TH1 and TH17 T-cells, that was accompanied by 

increased concentrations of IL17 and INF-γ 148. Many other studies have shown that 
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either knocking out pan lymphocytes (RAG1-/-) in mice or rats 132,149, removing 

functional lymphocytes in mice (e.g., severe combined immunodeficiency, SCID), or 

the adoptive transfer of CD4+ TREG  
136,140,150, but not CD4+ TEFF  in mice preserves 

blood pressure 136,144, likely via IL-10 139. It should be noted that some studies did not 

observe a protective effect of the adoptive T-cell transfer on blood pressure, although 

this may be due to the number of adoptive transfers that the mice received 141,151.  

Thus, the evidence seems to indicate that CD4+ TH, specifically CD4+ TREG are 

protective of the endothelium, whereas CD8+ TC and CD4+ TEFF, such as TH1 and 

TH17 CD4+ TH may be damaging to the endothelium. These effects on the 

endothelium are likely mediated by changes in oxidative stress, inflammation, and NO 

production, amongst others. This makes sense considering that CD8+ TC and certain 

CD4+ TEFF subtypes (TH1 & TH17) are more pro-inflammatory than the 

immunosuppressive CD4+ TREG 152. Despite this, whether the effect on the 

endothelium is inherent to the type of T-cell or whether the function of the cell is 

altered via other factors has not been fully elucidated. Radwan et al., (2019) showed 

that processes such as autophagy and apoptosis may regulate CD4+ TREG function; 

however, whether other processes such as aging or other cardiometabolic risk factors 

affect T-cell function and whether these processes also affect other CD4+ TH or CD8+ 

TC subtypes remains to be elucidated.  

1.5.2.1 The Effect of Cardiometabolic Risk Factors on T-cell Function and the 

Implications for Vascular Function 

Stokes, Gurwara, and Granger., (2007) showed that hypercholesterolemia may 

alter the inflammatory phenotype of T-cells, resulting in impaired endothelial function 
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153. Placing SCID mice on a high cholesterol diet did not induce endothelial 

dysfunction, as it did in the wild-type mice 153. However, the injection of T-cells from 

wild-type into SCID mice on the high cholesterol diet 10-days before the 

measurements induced endothelial dysfunction 153. This dysfunction was likely 

mediated by the production of INF-γ by T-cells 153. The injection of T-cells from wild-

type mice on a high cholesterol diet induced endothelial dysfunction in an INF-γ-/-

mouse model where endothelial function was preserved on a high fat diet 153.  

Zhou, Stemme, & Hansson., (1996) showed that CD4+ T-cells infiltrated 

atherosclerotic lesions in atherosclerotic mice (APOE-/-) fed a high-fat diet, whereas 

CD8+ TC did not 154. As stated earlier, endothelial dysfunction precedes the 

development of atherosclerosis 66,67, so while not tested, it is likely these mice 

developed endothelial dysfunction in tandem with atherosclerosis. These findings 

were expanded upon in 2000, by Zhou et al., where they found that crossing APOE-/- 

mice with immunodeficient SCID mice, significantly reduced atherosclerotic lesions, 

compared with control APOE-/- mice with functional lymphocytes suggesting that T-

cells play an important role in the develop of atherosclerosis in the APOE-/- model 155. 

Furthermore, the adoptive transfer of CD4+ TH from APOE-/-  into the APOE-/- SCID 

mice significantly increased the number of atherosclerotic lesions and T-cell 

infiltration into the lesions 155. The authors speculate that TH1 CD4+ TH were 

primarily responsible for the development of the atherosclerotic lesions, because the 

mice had increased IFN-γ concentrations, which is produced by TH1 CD4+ TH 155 . 

Although IFN-γ concentrations were correlated with lesion size and the increase in 

IFN-γ was quite large (~8x), the authors admit that the increase was not significantly 

different from the APOE-/- control mice 155. Thus, one should be hesitant to conclude 
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this effect was mediated solely by TH1 CD4+ TH. George et al., (2000) immunized an 

atherosclerotic mouse model (LDL-receptor deficient mice) against an autoantigen 

found in atherosclerotic lesions to create T-cells that were reactive to this autoantigen 

156. These activated T-cells were then injected into control LDL-receptor deficient 

mice that were fed a high-fat diet 156. The mice injected with the activated T-cells had 

significantly larger atherosclerotic lesions, compared to the control mice 156. 

Importantly, the injection of T-cell depleted lymphocytes did not induce the same 

atherosclerotic lesion formation 156. These effects were likely also mediated by TH1 

CD4+ TH, as the activated T-cells also secreted more IFN-γ compared to the control 

mice 156. 

Mor et al., (2007) showed that in a model of atherosclerosis, 6-month old mice 

with atherosclerosis have a significantly lower number of CD4+ TREG cells, compared 

to 3-month old APOE-/- mice 157. Because oxidized low-density lipoprotein cholesterol 

(oxLDL-C) is a primary cause of atherosclerosis 158, the authors tested whether 

oxLDL-C affects T-cell number. They found that treating T-cells from APOE-/- mice 

with oxLDL-C significantly reduced CD4+ TREG, but not CD4+ TEFF number 157. The 

ability of CD4+ TREG cell to regulate the activity of cytotoxic immune cells, such as 

CD4+ TEFF was also reduced following the treatment with oxLDL-C in T-cells from 

APOE-/-, but not wild-type mice 157. Lastly, the authors found that the adoptive transfer 

of CD4+ TREG from APOE-/- mice led to a significant reduction in atherosclerosis, 

while this same effect was not shown with the adoptive transfer of CD4+ TEFF 157. 

Importantly, the reduction in atherosclerosis might have been mediated by the 

production of IL-10 from CD4+ TREG cell 157. 
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Following the consumption of a high-fructose solution for 4-weeks, DAHL 

salt-sensitive HT rats had significantly increased the proportion of TH17 T-cells and 

increased IL-17 concentrations, compared to control salt-sensitive rats. Whereas, salt-

resistant normotensive rats had a significantly higher proportion of CD4+ TREG  and 

significantly lower concentration of IL-17 159, compared to control salt-sensitive rats. 

Both the control and fructose fed salt resistant rats had higher concentrations of IL-10, 

which may indicate that IL-10 is protective against hypertension 159. Injecting 

activated TH17 T-cells from DAHL salt-sensitive rats fed a high-fructose solution 

significantly increased blood pressure in DAHL salt-sensitive rats, compared with the 

injection of TH17 T-cells from salt sensitive rats that received tap water 159. The 

injection of TH17 T-cells from HT DAHL rats fed a high fructose solution did not 

elicit a HT response in the salt-resistant rats 159. Although, the concentration of IL17 

was increased in both salt-sensitive and salt-resistant rats that received the injection of 

TH17 T-cells from HT DAHL rats given a high fructose solution 159.  The 

concentration of IL-10 was significantly higher in the salt-resistant rats, compared to 

the salt-sensitive rats 159. Additionally, salt-sensitive rats that received the injection of 

TH17 T-cells from HT DAHL rats given a high fructose solution had significantly 

higher proportion of TH17 cells, compared to salt-sensitive rats that received the 

injection of control TH17 T-cells 159. 

In addition to atherosclerotic risk factors, non-modifiable cardiometabolic risk 

factors such as aging also affect T-cell function, which is detrimental to the 

vasculature. Trott et al., (2021) and Kim et al., (2021) showed that aging in animal 

models is detrimental to vascular function by altering T-cell function 160,161. Kim et al., 

(2021) investigated the role that TH17 CD4+ TEFF in the development of spontaneous 
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HT (SHR) in rats 161. At 15-weeks, the spontaneously HT rats (SHR) had significantly 

elevated blood pressure compared to the control rats 161.  The SHR rats also had a 

greater proportion of TH17 CD4+ TEFF, and a lower proportion of CD4+ TREG at 15-

weeks, compared to the control rats 161. Kim et al., (2021) then injected both young 

SHR and control rats with TH17 CD4+ TEFF from adult SHR to determine whether 

TH17 CD4+ TEFF can induce HT in young rats 161. The injection of TH17 CD4+ TEFF 

into young SHR rats induced HT and increased TH17 CD4+ TEFF and CD4+ TREG, 

compared to the vehicle control 161. There was no change in blood pressure in the 

young control rats, despite an increase in TH17 CD4+ TEFF 161. Trott et al., (2021) 

showed that T-cells also regulate vascular aging and age-related endothelial 

dysfunction. Compared to young mice, old mice had an increased proportion of INF-γ 

producing CD4+ TH and CD8+ TC infiltrating aorta 160. The old mice also exhibited an 

increased proportion of TNF-α producing CD8+, but not CD4+ TH accumulating in the 

aorta, compared to young control mice 160. Importantly, the aged mice had a greater 

proportion of immunosenescent CD8+ cells, whereas the young mice did not 160.   

Next the authors depleted pan T-cells from young and old mice using ant-CD3 

F(ab’)2 fragments compared to a vehicle control (e.g, matched regimen of isotype 

control F(ab’)2 fragments) 160. Endothelial function was significantly impaired in the 

mesenteric resistance arteries from old mice, and the depletion of pan T-cells 

preserved endothelial function in the old mice, but there was no effect in the arteries 

from the young mice 160.  This preservation was found to be NO-dependent, as the 

treatment with L-NAME abolished the protective effect of the pan T-cell depletion 160. 

The protective effect of the T-cell depletion with aging was also likely due to a 

decrease in superoxide, as the treatment with the superoxide scavenger 4-hydroxy-
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2,2,6,6-tetramethylpiperidine-1-oxyl (TEMPOL) improved endothelial function in the 

old control mice, but not the old pan T-cell depleted mice 160. TEMPOL improves NO 

bioavailability by decreasing oxidative stress 162. Importantly, the co-treatment of the 

mesenteric arteries from old control mice with L-NAME and TEMPOL showed that 

scavenging for superoxide improved endothelial function in an NO-dependent manner, 

because the co-treatment abolished the protection conferred by the TEMPOL 

treatment 160. Lastly, the authors showed that old RAG1-/- mice have preserved 

endothelial function, compared to old control mice 160. This was likely because NO 

bioavailability in the RAG1-/- mice was preserved with age 160. But, as the authors 

point out, RAG1-/- mice also lack B-cells, so the possibility that B-cell depletion also 

contributed to the preservation of endothelial function cannot be discounted 160.  

While some studies have shown that cerebrovascular function is correlated 

with peripheral endothelial function 163,164 in specific populations in humans, the 

preponderance of evidences seems to indicate that cerebrovascular function is not 

correlated to peripheral endothelial function. 165–169. However, despite these data, 

considering vasodilation in both arteries are mediated to some extent by endothelial 

NO 97,170,171, it is likely that T-cells may influence cerebrovascular endothelial function 

by regulating NO bioavailability, inflammation, and oxidative stress. Indeed, Lulita et 

al., (2019) showed that the adoptive transfer of CD4+ TREG preserved cerebrovascular 

endothelial function and prevented systemic inflammation (e.g., TNF-α & IL-6) and 

increased cerebral superoxide and TH1 responses in ANG-II HT mice 39. These effects 

were likely, in part, mediated by IL-10, as transferring CD4+ TREG from IL-10 

deficient mice into ANG-II HT mice did not result in preserved cerebrovascular 

endothelial function 39. Furthermore, transferring IL-10-/- CD4+ TREG , resulted in an 
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increase in pro-inflammatory cytokines and TH1 activity in ANG-II HT mice 39.  

Although, the infusion of IL-10 in ANG-II HT mice did not preserve cerebrovascular 

endothelial function, thus the protective effect of CD4+ TREG is likely mediated by a 

combination of factors 39. T-cells have also been shown to be modulators of other 

cerebrovascular disorders. For instance, CD4+ TREG  were shown to be protective 

against brain damage in a mouse model of ischemic stroke by reducing the disruption 

of the BBB and inflammation and regulating the function of other leukocytes 40,41. 

Some of these protective effects may be conferred by CD4+ TREG production of IL-10, 

but more so in later stages of ischemia  40,41. Despite these data, more studies are 

needed examining the role of T-cells and cerebrovascular function, especially in 

humans.  

1.6 Summary 

Animal literature has shown that lymphocytes in adaptive immune system 

(e.g., B-cells and T-cells) are a regulator of vascular function. A larger body of 

literature exists to show that T-cells are greater regulators of vascular function, 

compared to B-cells.  For instance, aging and LDL-C can induce T-cell metabolic 

dysfunction, resulting in a pro-inflammatory phenotype that can cause vascular 

dysfunction in animal models. While no direct evidence exists in humans to show that 

T-cells regulate vascular function, the large body of literature in animal models makes 

this likely and worth investigating. Additionally, whether T-cells are related to 

cerebrovascular function in humans and whether higher physiologic concentrations of 

LDL-C impair human CD4+ and CD8+ T-cell function are not known. Thus, in 

humans it would seem plausible that the accumulation of cardiometabolic risk factors 
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(e.g., elevated LDL-C) in combination with advancing age would cause T-cells to 

become more dysfunctional (e.g., increased activation, senescence, and mitochondrial 

dysfunction). Dysfunctional T-cells, in turn, become more pro-inflammatory and 

produce more ROS, both of which contribute to vascular dysfunction and increase risk 

for cardio- and cerebrovascular diseases. Considering that endogenous LDL-C 

concentrations begin to peak in mid-life 57,58, and midlife cardiometabolic risk factors 

18–22 and cerebrovascular dysfunction 9–16 are both strong predictors of late-life AD, it 

is important to study T-cell dysfunction in the context of mid-life cardiometabolic 

aging for the prevention of AD. Thus, T-cells may be a novel therapeutic target for the 

prevention and/or treatment of AD 32,33. 
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Chapter 2 

THE ASSOCIATION BETWEEN T-CELL AND CEREBROVASCULAR 

FUNCTION IN MID-LIFE ADULTS. 

2.1 Introduction 

6.7 million Americans have been diagnosed with Alzheimer’s disease (AD) in 

2023, and this number is expected to increase by more than 50% in 2060 172. Impaired 

cerebral blood flow and cerebral blood flow regulation (i.e., cerebrovascular 

dysfunction) is associated with and a risk factor for Alzheimer’s Disease 9–16. Age-

related processes such as inflammation and oxidative stress contribute to 

cerebrovascular dysfunction 173,174. Aging is associated with a chronic state of low-

grade, sterile inflammation beginning in mid-life, termed inflammaging 24–26. Adaptive 

immune cells such as T-lymphocytes (T-cells) are implicated in the development of 

inflammaging 28,29 and the pathogenesis of AD 32,33, which has implications for 

cerebrovascular function. Various animal models have shown that T-cells are 

important for regulating cerebrovascular function by modulating inflammation and 

oxidative stress 39–41. While CD8+ T-cells are deleterious for vascular function 

145,160,175,176, CD4+ T-cells have been shown to be protective of cerebrovascular 

function. For example, injecting hypertensive mice with regulatory CD4+ T-cells 

(CD4+ TREG) prevented decreases in cerebrovascular function and increases in 

systemic inflammation (e.g., TNF-α & IL-6) and cerebral superoxide and 

inflammatory T-cell responses 39. Injection of CD4+ TREG also protected against blood 

brain barrier damage and inflammation in a mouse model of ischemic stroke, in part 

by regulating the responses of other immune cells 40,41.  
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T-cells become dysfunctional with aging resulting in a pro-inflammatory 

phenotype due to factors such as mitochondrial dysfunction 28,177, and shifts in 

metabolic function can dictate the inflammatory phenotype of the cell 3,28. For 

instance, a shift towards oxidative phosphorylation promotes an anti-inflammatory 

phenotype; whereas a shift towards glycolysis promotes a pro-inflammatory 

phenotype 3,28. Mitochondrial dysfunction contributes to oxidative stress through the 

generation of reactive oxygen species (ROS), a process which exacerbates 

inflammation 102.  Mitochondrial function can be assessed by measuring mitochondrial 

respiration using extracellular flux analysis (Seahorse Real-Time Cell Metabolic 

Analysis, Agilent).  In healthy-controls and patients with early stage heart failure, 

mitochondrial respiration in peripheral blood mononuclear cells (PBMCs) containing 

T-cells has been negatively associated with blood pressure and markers of 

inflammation 48, and data from our lab suggests a potential negative relation between 

multiple measures of PBMC mitochondrial respiration and systolic blood pressure 49.  

To our knowledge no studies have investigated the interaction between T-cell 

mitochondrial respiration and cerebrovascular function in humans. The purpose of this 

study was to determine whether T-cell mitochondrial respiration was predictive of 

cerebrovascular function in middle-aged adults. We hypothesized that higher CD4+ 

and CD8+ T-cell OCR and metabolic efficiency would be associated with higher 

cerebrovascular function, and that higher CD4+ and CD8+ T-cell ECAR would be 

associated with lower cerebrovascular function.  
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2.2 Materials and Methods 

2.2.1 Participant Recruitment 

Twenty mid-life adults (aged 50-64 years) with normal endogenous LDL-C 

concentrations (<150 mg/dL) were recruited. All procedures and protocols used were 

consistent with the standards set by the latest revisions of the Declaration of Helsinki 

1975 (as revised in 1983) and were approved by the Institutional Review Board at the 

University of Delaware (1753416-6). The study rationale, procedures, risks, and 

benefits were explained to the participants, and their written or electronic informed 

consent (REDCap) was obtained before enrollment. Participants were instructed to fast 

for ≥ 12-hours, to refrain from vigorous aerobic exercise and alcohol for 24-hours, and 

to refrain from taking over the counter anti-inflammatory medications for 48-hours 

before each study visit. No study visit took place within 14-days of receiving a 

vaccination to avoid the influence of any acute inflammatory responses. Participants 

were not excluded based on race or ethnic background. Participants for this study were 

recruited through university mailing lists, the Nurse Managed Primary Care Center 

(NMPCC) study participant registry at the University of Delaware, and by advertising 

with businesses in the Newark, DE area.  

All participants were nonsmokers and free from acute infection (e.g., 

influenza, COVID-19), systemic medical illness (e.g., CVD, cancer, renal failure), or 

autoimmune disease (e.g., multiple sclerosis, Type 1 diabetes). Participants were 

excluded if they did not have normal clinical blood markers and or if they were taking 

medications likely to affect endogenous lipid concentrations (e.g., statins) or 

inflammation (e.g., NSAIDs & corticosteroids). Participants were included if they had 

endogenous LDL-C concentrations ≤150 mg/dL but were not excluded for other 
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abnormal blood lipid markers (e.g., high-density lipoprotein, triglycerides, total 

cholesterol, etc). Participants also completed a medical history questionnaire to 

determine eligibility. 

2.2.2 Questionnaires  

Participants were asked to complete a series of questionnaires that were used 

for screening and as potential co-variates as part of the statistical analyses. Following 

this, participants completed a sleep questionnaire (Pittsburgh Sleep Quality Index; 

PSQI)178 because sleep can affect T-cell populations 179,180 and vascular function 181. 

Subjective sleep data are reported as the global sleep score and individual component 

scores including subjective sleep quality, sleep latency, sleep duration, habitual sleep 

efficiency, sleep disturbances, use of sleep medications, and daytime dysfunction, 

which were calculated using the methods described elsewhere 178. Physical activity 

was assessed using the Modifiable Activity Questionnaire 182 due its association with 

mitochondrial function in various cell types, including T-cells 183–185. Participants were 

asked to describe any work-related physical activity and report the duration and 

frequency of all leisure activities performed more than 10 times in the past year. 

Weekly leisure and work metabolic equivalent (MET) minutes were then calculated 

using the 2011 Compendium of Physical Activities 186 to determine the participants 

leisure MET minutes per week. The leisure and work-related MET hours per week 

were totaled to determine the participants total MET hours per week.   Physical 

activity outcomes were reported as MET hours per week.  

Participants were then asked to complete an adapted version of a recent 

infection questionnaire 187 because antigen stimulation induces metabolic changes in 

T-cells 84–86. Participants were asked if they experienced any symptoms for various 
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types of infections, including general, upper, and lower respiratory, gastro-intestinal, 

genital, and other types of infections in the past 14 days that lasted longer than 24 

hours. If a participant did experience a symptom for any of those categories, then they 

were the severity (e.g., mild, moderate, or severe) of that symptom. An infection was 

defined as symptoms lasting for more than 24 hours that participants thought were 

caused by a recent infection. Finally, a COVID-19 history form was administered to 

control for previous infection with the SARS-CoV-2 virus, as patients diagnosed with 

COVID-19 have been reported to have lower PBMC mitochondrial respiration 
188

 and 

vascular function 
189

.  Participants were asked about whether they have previously 

tested positive for COVID-19, and, if so, they were asked when they last experienced 

symptoms and to rate the extent to which each symptom interfered with their daily 

activities on a likert scale of 1-5 (e.g., not at all, a little bit, somewhat, quite a bit, and 

very much). Participants were then asked how long each symptom lasted, and to rate 

the severity of their symptoms at their worst (e.g., mild, moderate, severe, and very 

severe) and the overall interference with performing daily activities (e.g., not a lot, a 

little bit, somewhat, quite a bit, and very much). These variables were converted to 

numerical ordinal data on a scale of 1-4, with 4 being the most severe or interfering, 

respectively. Participants were also asked information about SARS-CoV-2 vaccination 

status, including the dates of vaccination and the manufacturer of each vaccine.  

2.2.3 Blood Draw 

Participants were sat in Fowler’s position in a stretcher for the blood draw. 

Blood was drawn from the antecubital vein by a research nurse or a trained member of 

the research team. 64 mL of blood was drawn for the measures of T-cell mitochondrial 

respiration in Chapters 2 & 3. An additional 10 mL was drawn for clinical labs that 
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were processed by LabCorp, including a complete blood count with differential, a 

comprehensive metabolic panel, and a lipid panel.  

2.2.4 Blood Pressure 

Participants rested in semi-recumbent position quietly for 5-minutes with the 

lights dim and the ambient room temperature at 22.5 ± 1.4˚C (Mean ± SD). Blood 

pressure was measured in the non-dominant arm using a semi-automated oscillometric 

sphygmomanometer validated by the British Hypertension Society 190 (SunTech 

ADView 2, SunTech Medical). Multiple recordings were taken until three values were 

obtained that were within 5 mmHg of one another. The three blood pressures were 

then averaged to determine resting blood pressure. Two minutes of rest were given 

between each blood pressure measurement. 

2.2.5 Anthropometric Measurements 

Participant height (cm) and mass (kg) were measured using a physician’s scale 

(Health-o-Meter Physician Digital Scale) and were used to calculate body mass index 

(BMI) using the equation BMI = Weight (kg) /  [Height (cm)]2. 

2.2.6 Peripheral Blood Mononuclear Cell Isolation 

Peripheral blood mononuclear cells (PBMCs) were isolated from whole blood 

using density gradient centrifugation with SepMate™ -50 PBMC Isolation Tubes 

(Stemcell Technologies, #8540). Briefly, Sepmate™ tubes were filled with 15 mL 

histopaque 1077 (Sigma-Aldrich, #SD10771A) and warmed in a 37˚C water bath for 

10-minutes. Whole blood was diluted 1:1 with 1X phosphate buffered saline (PBS; 

Corning #21-040-CM) supplemented with 2% fetal bovine serum (FBS; Sigma-

Aldrich, # F2442-50ML). Diluted whole blood was pipetted equally on top of pre-
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warmed histopaque 1077 in the Sepmate™ tubes. The Sepmate™ tubes were 

centrifuged at 1200 x G for 10-minutes at room temperature with the acceleration and 

brake on the highest setting. The top layer was decanted from each Sepmate™ tube 

into separate fresh 50 mL conical tubes (Corning, #430829). The cell pellet was 

washed once with 1X PBS and 2% FBS, and the red blood cells were removed using 

eBioscience™ 1X RBC Lysis Buffer (ThermoFisher, #00-4333-57). The cell pellet 

was resuspended in the lysis buffer, placed on ice for 5-minutes, and then washed with 

1X PBS with 2% FBS. The cells were counted using the Thermo Fisher Countess II 

Automated Cell Counter and one Countess™ Cell Counting Chamber Slide 

(ThermoFisher, # C10228), and prepared for the positive T-cell separation.  

2.2.7 Positive T-cell Separation 

CD4+ and CD8+ T-cells were separated from PBMCs using positive magnetic 

bead separation with the QuadroMACS™ separator (Miltenyi Biotec, #130-091-051) 

and LS columns (Miltenyi Biotec, #130-042-401). CD8+ T-cells were separated from 

the PBMCs using human CD8 MicroBeads (Miltenyi Biotec, #130-045-201) 

following manufactures protocol and were extracted first because they are less 

numerous than CD4+ T-cells in healthy adults 191. CD4+ were then isolated from the 

unlabeled cellular effluent using Human CD4 MicroBeads (Miltenyi BioTec, #130-

045-101) per the manufacturers protocol. CD4+ and CD8+ T-cells were resuspended in 

CTS™ AIM-V™ Medium, without phenol red, without antibiotics (ThermoFisher, 

#A3830801) supplemented with 1x antibiotic-antimycotic (ThermoFisher, 

#15240062). The cells were placed in the incubator to rest overnight for the 

assessment of mitochondrial respiration.  
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2.2.8 T-cell Mitochondrial Respirometry  

Extracellular flux analysis was used to measure CD4+ and CD8+ T-cell 

mitochondrial respiration using the Seahorse XF Cell Mito Stress Test Kit (Agilent, 

#103015-100) with the Seahorse XFe96 Analyzer (Agilent) as previously described 49. 

Oxygen consumption rate (OCR) was measured at baseline and following three serial 

injections of 1.5 mM oligomycin, 2 mM carbonyl cyanide-4 (trifluoromethoxy) 

phenylhydrazone (FCCP), and 0.5 mM rotenone and antimycin A to determine basal 

and maximal respiration, spare respiratory capacity, coupling efficiency, ATP-linked 

O2 consumption, proton leak, and non-mitochondrial O2 consumption (Fig. 2.1).  2 

mM FCCP concentration was determined via FCCP titration experiment. 2 mM was 

found to produce the greatest increase in respiration without a subsequent decrease 

(Supplementary Figure 1.1A).  In addition to OCR, extracellular acidification rate 

(ECAR) was calculated as a qualitative measure of glycolysis. The definitions and 

calculations of the variables obtained from the Mito Stress Test can be found in 

Appendix A. Prior to the assay cells were resuspended in Seahorse XF RPMI medium, 

Ph 7.4 (Agilent, # 103576-100) supplemented with 10 mM glucose (Agilent, #103577-

100), 1 mM sodium pyruvate (Agilent, #103578-100), and 2 mM glutamine (Agilent, 

#103579-100), respectively. The cells were seeded into the center 60 wells, as the 

outer wells are at a greater risk of evaporation 192. This seeding density was pre-

determined from a seeding density titration experiment. There was no difference 

between a seeding density of 300,000 cells/well and 400,000 cells/well 

(Supplementary figure 1.1B). Thus, to reduce the amount of blood required, a seeding 

density of 300,000 cells/well was used.  

To account for cellular loss during washes, the seeding density was increased 

by 5% for a final seeding density of 315,000 cells/well in a final volume of 180 



 

 44 

mL/well. 180 mL of XF RPMI assay medium was then added to each empty well and 

the four background wells. The plate was then centrifuged for 2 minutes at 300 x G. 

Following the centrifugation, the plate was placed in the non-CO2 incubator for 45 

minutes, while the XFe96 sensor cartridge calibrated in the XFe96 Analyzer. 

Mitochondrial respiration was then measured using Agilent’s Seahorse XF Cell Mito 

Stress Test protocol. Once the assay was completed, the plate was imaged with 

transmitted using the ImageXpress Pico Automated Cell Imaging System (Molecular 

Devices). A 1.92 mm2 Z-stacking image in three planes (-10 to 0 μM) of the center of 

each well was taken using transmitted light and the cells within that area were 

counted. Optimal focus (focus offset = -13 Μm) and exposure (exposure time = 4 ms) 

settings were determined prior to these experiments (Data not shown). Additionally, 

Z-stacking focus step (5 mM) and projection calculations (fluorescent = maximum & 

TL = best plane) were also determined prior to these experiments (Data not shown). 

The center of each well was chosen because measurement of OCR is primarily driven 

by the cells in the center of the well. The total cell count within each well was then 

calculated by multiplying the number of cells/mm2 by the total area of the well (11.40 

mm2). If confluency in the well was not uniform, then this was noted and considered 

when interpreting the OCR results.  

Data were analyzed using Agilent’s online software (Seahorse Analytics). First 

the oxygen consumption rate (OCR), extracellular acidification rate (ECAR), O2 

concentration, and Ph were assessed in the background wells. Background wells were 

removed if they had OCR < -20 pmol/min or > -20 pmol/min, ECAR >5 mpH/min, O2 

concentration < 140 mmHg or > 160 mmHg, or a Ph < 6.8 or > 7.8. The O2 

concentration and Ph were then assessed for each sample well. A well was removed if 



 

 45 

the starting O2 concentration was < 100 mmHg and/or if the O2 concentration drops 

below 45 mmHg throughout the assay. If the Ph for any sample well is < 6.8 or > 7.8, 

then that well was removed. Lastly, the OCR for each sample well was assessed. Any 

well with a negative OCR was removed, as this is non-physiologic. Additionally, if 

basal respiration was less than 20 pmol/min, a sample well does not respond 

appropriately to each compound injection, or if there was a known methodological 

issue (e.g., known pipetting error), then that well was also removed. Respiration in 

each well was then normalized to the calculated total cell count within each well with 

a scaling factor of 10000. While no cells were seeded into the background wells, to 

ensure that each well was treated similarly, the background wells were also imaged 

using the ImageXpress Pico Automated Cell Imaging System cell count protocol and 

then normalized to the cell count after background well data quality had been 

assessed. Mitochondrial OCR was expressed as pmol/min/10,000 cells, and ECAR 

was expressed as mpH/min/10,000 cells. 
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Figure 2.1. Agilent Seahorse XF Cell Mito Stress Test Adapted from the Seahorse XF Cell 

Mito Stress Test Kit User Guide. 

2.2.9 Measuring Cerebrovascular Reactivity 

Cerebrovascular function was assessed by measuring the cerebrovascular 

reactivity (CVR) of the middle cerebral artery (MCA) to a 30-second breath-hold. 

CVR was defined as the change in middle-cerebral artery velocity (MCAv) in 

response to arterial partial pressure of carbon dioxide (CO2; hypercapnia) caused by 

the breath-hold. MCAv was measured using transcranial doppler ultrasound 

(Transcranial Ultrasound System, Spencer Technologies), and it will be normalized to 

beat-beat mean reconstructed brachial arterial pressure (Finapress® NOVA, Finapress 

Medical Systems) to obtain cerebrovascular conductance (MCACVC). The brachial 

arterial pressure was reconstructed using beat-to-beat finger arterial pressure which 

was calibrated by taking two brachial blood pressure measurements on the 

contralateral arm. Heart rate and etCO2 were also monitored through the test via 3-lead 

ECG (Finapress® NOVA, Finapress Medical Systems), and the CapStar-100 End-tidal 

CO2 Monitor (CWE Incorporated), respectively. All aspects of the protocol were 

explained to the participants prior to assessment and were given the opportunity to ask 

any questions. Participants were asked to rest quietly for 1 minute, and at the 50-
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second mark were given a 10-second countdown after which they were asked to 

perform an end inspiratory breath-hold for a maximum of 30-seconds (Fig. 2.2). If a 

participant was not able to hold their breath for 30 seconds, then this was noted and 

accounted for in the analysis. After the breath-hold, participants were asked to resume 

normal breathing at a self-selected pace and rest quietly for an additional minute. The 

1-minute rest period in the beginning of the test was considered the baseline. The 

instructions during the test were given using PsychoPy®  Builder (University of 

Nottingham, v2020.1.3) 193,194. CVR was calculated as the breath-hold index (BHI) 

using MCAv and MCACVC, when applicable (see below).  

1. MCAV BHI (%Δ s-1) = [(peak hyperemia MCAv – average baseline MCAv) / 

(average baseline MCAv) x 100] / breath-hold time  

2. MCACVC BHI %Δ s-1) = [(peak hyperemia MCACVC  – average baseline MCACVC) / 

(average baseline MCACVC) x 100] / breath-hold time 

All physiologic CVR data were collected using PowerLab (ADInstruments, 

PL3516 PowerLab 16/35) and Labchart (ADInstruments, #v8.1.13). Raw etCO2 (%) 

was converted to its absolute value by dividing the raw input as a percentage for a 

given respiratory cyclic by 100 and then multiplied by the atmospheric pressure in a 

separate LabChart channel. To obtain breath-breath etCO2, the absolute etCO2 data 

was converted to a cyclic measure using the maximum absolute etCO2 for each 

respiratory cycle. To account for sampling delay, the etCO2 channels were shifted to 

match the start and end times of the breath-hold. Maximum, minimum, and mean 

MCAv was extracted in LabChart for each cardiac cycle using a 3-lead ECG to 
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determine the R-R interval. The data was then plotted and analyzed using Microsoft 

Excel (Version 2212). Beat-to-beat reconstructed MAP was used to calculate the beat-

to-beat change in MAP. An automated brachial arterial pressure reading was taken for 

a baseline measurement of MAP at the start of the test and was then corrected for the 

beat-to-beat change in MAP throughout each cardiac cycle during the test. The 

absolute change in MAP, etCO2, cardiac output (Q), and total peripheral resistance 

(TPR) from average at baseline to peak during hyperemia was also calculated. The 

data were plotted and reviewed to ensure data quality. Any non-physiologic data point 

was removed and then interpolated from a previous point.  Any concerns during the 

data collection were noted and then considered when reviewing the raw data.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 2.2. Breath-Hold Protocol. The figure is a representative tracing of middle cerebral 

artery blood flow velocity (MCAv) response to a 30-second breath-hold protocol. 
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2.2.10 Statistical Analysis 

Before any analyses were carried out, descriptive statistics were generated for 

each of the variables of interest to determine if there were any inconsistencies or 

problematic values worth quality checking. Values or distributions that appeared to be 

beyond the realm of possibility (e.g., negative blood pressure values) were cross-

referenced with any existing paper records and corrected as needed. If such values could 

not be corrected, they were either dropped (if clearly impossible) or retained in their 

current form. Outliers were identified using the robust regression and outlier removal 

method (ROUT). Additionally,those that appeared non-physiologic were removed.  

To determine if a relationship existed between T-cell mitochondrial function and 

BHI, we employed uni-variate linear regressions – one model for each unique pairing 

of T-cell mitochondrial respiration measures and BHI measures. We tested whether the 

data was normally distributed using the Shapiro-Wilk test. Mediation analyses were 

performed to determine whether changes in MAP mediated relations between 

significant measures of mitochondrial respiration and glycolysis and cerebrovascular 

reactivity. Spearman correlations were performed to assess the relationship between 

significant measures of mitochondrial respiration and glycolysis and cardiovascular and 

hemodynamic measurements during the breath-hold assessment.  

A total sample size of 𝑁 = 20 provided us with at least 80% power to detect a 

large effect (𝑓2 = 0.35) in each of the models while providing for the inclusion of up to 

three co-variates (one of which may be dichotomous with an approximately even split). 

Correlations were performed between BHI measures and any potential co-variates (e.g., 

sleep, physical activity, clinical blood chemistry). Any significantly associated co-

variates will be included in the linear regression. All correlations and linear regressions 
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were carried out using GraphPad Prism 9 (GraphPad Prism 9.4.1.681), and mediation 

analyses were performed using Jamovi 2.3.21. 𝛼 was set at 0.05. 

2.3 Results 

Descriptive Statistics 

Twenty middle-aged adults (58 ± 5 years) were recruited for this study.  

Characteristics for the participants can be found in table 2.1 below. Participants were 

overweight 195, with elevated blood pressure 196, but had normal resting heart rate 197. 

The participants were all Caucasian and did not identify as Hispanic or Latino.  A 

more diverse cohort was initially recruited but had to either be excluded due to screen 

failure, withdrew from the study, or were outliers in statistical analyses.  
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Table 2.1. Descriptive Statistics. Abbreviations: BMI, body mass index; SBP, systolic blood 

pressure; DBP, diastolic blood pressure; MAP, mean arterial pressure; PP, pulse pressure; HR, 

heart rate; & bpm, beats-per-minute.  

Participants had normal total cholesterol, high-density lipoprotein cholesterol 

(HDL-C), LDL-C, very low-density lipoprotein cholesterol (VLDL-C), triglycerides, 

and fasting blood glucose (Table 2.2). Participants did not show signs of any ongoing 

infection, indicated by the normal leukocyte populations (Table 2.2).  

 

 

Table 2.1. Participant Characteristics 

𝑵=20 Mean ± SD Min-Max 

Age, years 58 ± 5  51 – 64  

Sex, Male/Female 5/15 - 

Height, cm 167.8 ± 9.7 149.4 – 186.0 

Mass, kg 71.6 ± 17.7  43.1 – 103.0  

BMI, kg/m2 25.2 ± 4.4 18.3 – 32.2  

Resting Central Hemodynamics   

SBP, mmHg 120 ± 9  104 – 138  

DBP, mmHg 73 ± 6  61 – 82 

MAP, mmHg 88 ± 6 75 – 97  

PP, mmHg 48 ± 8 36 – 69 

HR, bpm 60 ± 8 46 – 84 
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 Table 2.2. Clinical Blood Chemistry. Abbreviations: HDL-C, high-density lipoprotein 

cholesterol; LDL-C, low-density lipoprotein cholesterol; VLDL-C, very low-density 

lipoprotein cholesterol; & WBC, white blood cell.  

The participants enrolled in this study were physically active, achieving well-

above the American College of Sports Medicine recommended 500-1000 

MET·min·wk of exercise (Table 2.2) 198. Participants also had healthy sleep behavior, 

as they also had relatively low global sleep scores 178 and achieved the recommended 

amount of sleep set by the American Academy of Sleep Medicine and Sleep Research 

Society (Table 2.3) 199. 

Table 2.2. Clinical Blood Chemistry 

𝑵=20 Mean ± SD Min-Max 

Metabolic Health   

Total cholesterol, mg/dL 194 ± 27 140 - 236 

HDL-C, mg/dL 70 ± 23 35 – 117 

LDL-C, mg/dL 110 ± 23 69 – 149 

VLDL-C, mg/dL 16 ± 11 7 – 49 

Triglycerides, mg/dL 86 ± 64 39 – 279 

Blood glucose, mg/dL 91 ± 8 73 – 104 

Leukocyte Count   

WBC count, 1.0 x 103 cells/uL 6.9 ± 10.5 2.9 – 51.0 

Monocytes, 1.0 x 103 cells/µL 0.4 ± 0.1 0.3 – 0.7 

Lymphocytes, 1.0 x 103 cells/µL 1.6 ± 0.7 0.8 – 4.1 

Neutrophils, 1.0 x 103 cells/µL 2.4 ± 0.8 1.2 – 4.1 

Basophils, 1.0 x 103 cells/µL 0.0 ± 0.0 0.0 – 0.0 

Eosinophils, 1.0 x 103 cells/µL 0.1 ± 0.1 0.0 – 0.4 
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Table 2.3. Lifestyle, Health, and Behavioral Factors 

𝑵=20 Mean ± SD Min-Max 

Medications   

Anti-depressants,  𝑵 (%) 5 (25) - 

Blood pressure,  𝑵  (%) 3 (15) - 

Thyroid,  𝑵  (%) 3 (15) - 

Antihistamine,  𝑵  (%) 1 (5) - 

Corticosteroid,  𝑵  (%) 1 (5) - 

Medical Conditions   

Hypertension,  𝑵  (%) 3 (15) - 

Skin cancer remission >10 years,  𝑵  (%) 1 (5) - 

Depression,  𝑵  (%) 2 (10) - 

Exercise & Physical Activity    

Leisure exercise, MET/min/wk 2,220 ± 2,040 0 – 7,440 

Work physical activity, MET/min/wk 1,920 ± 2,820  0 – 9,900  

Total physical activity, MET/min/wk 4,140 ± 3,180  360 – 9,900  

Pittsburgh Sleep Quality Index   

Subjective sleep quality, a.u. 0.9 ± 0.7    0.0 – 2.0  

Sleep latency, a.u. 0.9 ± 0.7 0.0 – 3.0  

Sleep duration, a.u. 0.7 ± 0.6 0.0 – 2.0 

Sleep efficiency, a.u. 0.5 ± 0.8 0.0 – 3.0  

Sleep disturbance, a.u. 1.2 ± 0.4 1.0 – 2.0   

Use of sleeping medications, a.u. 0.7 ± 1.1  0.0 – 3.0   

Daytime dysfunction, a.u. 0.3 ± 0.6 0.0 – 2.0   

Global sleep score, a.u. 5.0 ± 2.4 1.0 – 10.0  

Total sleep duration, hours 7.0 ± 0.9 5.0 – 8.5  
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Table 2.3. Lifestyle, Health, and Behavioral Factors. Sleep components are scored on a likert 

scale and are totaled for a calculation of the global sleep score. A higher score indicates worse 

quality. Abbreviations: MET, metabolic equivalent; & a.u., arbitrary units.  

Cerebrovascular Reactivity  

Cerebrovascular reactivity was measured using a 30-second breath-hold and 

was reported as BHI calculated using the MCAv or MCACVC. We were unable to 

obtain beat-to-beat blood pressure on one participant. The MCA was insonated at an 

average depth of 51 ± 6 mm (mean ± SD) with an average power of 97 ± 9 a.u. (mean 

± SD). As expected, the 30-second breath-hold elicited a robust cerebral blood flow 

response (Tables 2.4 & 2.5), in addition to a percent increase in MAP and the partial 

pressure of end-tidal CO2 (Table 2.5). All participants were able to hold their breath 

for the entire 30-second period.  
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 Table 2.4. Baseline Physiologic Cerebrovascular Reactivity Data. Abbreviations: HR, heart 

rate; bpm, beats-per-minute; MAP, mean arterial pressure; etCO2, end-tidal carbon dioxide; 

MCAv, middle cerebral artery velocity; MCACVC, middle cerebral artery cerebrovascular 

conductance; PI, pulsatility index.  

 

 

Table 2.4. Baseline Physiologic Cerebrovascular Reactivity Data 

 Baseline Hyperemia   

 Mean ± SD Mean ± SD p 𝑵 

Average HR, bpm 63.2 ± 8.6 62.4 ± 7.8 0.55 20 

Peak HR, bpm 71.3 ± 9.3 74.6 ± 10.5 0.024 20 

Average MAP, 

mmHg 
95 ± 10 94 ± 9 0.11 19 

Peak MAP, mmHg 106 ± 12 108 ± 11 0.52 19 

Average Q, L/min 3.42 ± 1.13 3.39 ± 1.06 0.94 19 

Peak Q, L/min - 4.01 ± 1.32 - 19 

Average TPR, 

mmHg*s/ml 
2.34 ± 1.05 2.34 ± 1.00 0.77 19 

Peak TPR, 

mmHg*s/ml 
- 3.03 ± 1.12 - 19 

Average EtCO2, 

mmHg 
46.6 ± 11.4 47.6 ± 10.6 0.11 20 

Peak EtCO2, mmHg - 54.32 ± 12.90 - 20 

Average MCAv, cm/s 53.17 ± 12.39 52.39 ± 12.34 0.35 20 

Peak MCAv, cm/s 60.80 ± 13.87 66.69 ± 15.61 <0.0001 20 

Average MCACVC, 

cm/s/mmHg 
0.58 ± 0.15 0.57 ± 0.15  0.95 19 

Peak MCACVC, 

cm/s/mmHg 
0.65 ± 0.16 0.68 ± 0.18 0.0032 19 

Average MCA PI, 

a.u. 
0.81 ± 0.12 0.85 ± 0.11 <0.0001 20 
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Table 2.5. Cerebrovascular Reactivity Responses. The percent change in MAP and etCO2 

from peak hyperemia to baseline were calculated. Abbreviations: MCAv, middle cerebral 

artery velocity; BHI, breath-hold index; MCACVC, middle cerebral artery cerebrovascular 

conductance; MAP, mean arterial pressure; Q, cardiac output; & TPR, total peripheral 

resistance.  

Mitochondrial Respiration and Glycolysis vs. Cerebrovascular Reactivity  

Spearman correlations were first performed to determine whether any 

demographic, clinical blood markers, medications, medical conditions, physical 

activity, sleep, previous infection, or COVID-19 infection and vaccination variables 

were associated with BHI to be used as co-variates in multi-linear regressions.  No co-

variates were significantly associated with BHI calculated using MCAv or MCACVC, 

thus linear regression models only included OCR and ECAR measures with either 

BHI calculation. No measure of CD4+ OCR or ECAR were predictive of MCAv BHI 

(Table 2.6), and higher CD8+ basal OCR was predictive of lower MCAv BHI (β=-

0.59, R2= 0.27, P=0.019). Higher CD8+ basal (β=-2.20, R2=0.29, P=0.015) and 

maximum ECAR (β=-0.50, R2=0.24, P=0.29) were predictive of lower MCAv BHI. 

These models were no longer significant after controlling BHI for MAP expressed as 

MCACVC (Table 2.7). No other measure of CD8+ T-cell OCR or ECAR were 

Table 2.5. Cerebrovascular Reactivity Responses 

 Mean ± STD 𝑵 

MCAv BHI, %Δ s-1 0.86 ± 0.35 20 

MCACVC BHI, %Δ s−1 0.61 ± 0.22 19 

ΔMAP, mmHg 13.54 ± 9.23 19 

ΔetCO2, mmHg 7.68 ± 5.38 20 

ΔQ, L/min 0.59 ± 0.47  19 

ΔTPR, mmHg*s/ml 0.69 ± 0.41 19 
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associated with either BHI calculation (Tables 2.6 & 2.7). These data indicate that 

higher basal CD8+, but not CD4+oxidative and glycolytic energetic demand are 

associated with decreased cerebrovascular function. These associations are abolished 

after correcting for changes in MAP.  

Because the relation between CD8+ T-cell basal OCR and basal and maximal 

ECAR was abolished after controlling for the MAP response to the breath-hold, an 

exploratory analysis was performed to see whether the change in MAP (pressor 

response) mediates the relation between CD8+ T-cell bioenergetics and MCAv BHI. 

Indeed, we found that the pressor response mediated the relation between CD8+ T-cell 

basal (Figure 2.3B) and maximal ECAR (Figure 2.3C) and approached significance 

for CD8+ T-cell basal OCR (Figure 2.3A). To further investigate this association, we 

first assessed whether the blunted pressor response was related to a higher baseline 

MAP or a lower peak MAP. Baseline and peak MAP during the breath-hold were 

correlated with the absolute change in MAP in response to the breath-hold. Although 

these relations were not statistically significant, there appeared to be a negative 

association between baseline MAP and the pressor response (R=-0.44, P=0.061) and a 

positive association between peak MAP and the pressor response (R=0.45, P=0.060). 

CD8+ bioenergetics were then correlated with baseline MAP and peak MAP. CD8+ 

basal OCR was not associated with baseline MAP (R=0.16, P=0.51) or peak MAP 

(R=-0.15, P=0.53). CD8+ maximal ECAR was also not associated with baseline MAP 

(R=-0.023, P=0.93) or peak MAP (R=-0.37, P=0.12). However, basal CD8+ ECAR 

was positively associated with baseline MAP (R=0.64, P=0.0031), but not peak MAP 

(R=0.071, P=0.77).  Thus, it appears that individuals with a higher baseline MAP and 
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lower peak MAP have a lower pressor response to the breath-hold. Additionally, it 

appears that higher CD8+ basal glycolysis is related to a greater baseline MAP.  

Because MAP is determined by cardiac output (Q) and total peripheral 

resistance (TPR), we also investigated whether Q or TPR were related to the pressor 

response and whether CD8+ bioenergetics were related to Q or TPR, using the 

Modelflow method (Finapres). The pressor response was not related to the absolute 

change in Q (R=0.015, P=0.95) or TPR (R=0.37, P=0.12) during the breath-hold, nor 

baseline (R=-0.31, P=0.19) or peak Q (R=-0.28, P=0.24) or baseline TPR (R=0.34, 

P=.16). However, there was a positive relation between the pressor response and peak 

TPR (R=0.49, P=0.033) during the breath-hold. We then sought to determine whether 

CD8+ bioenergetics were correlated with peak TPR and the absolute change in TPR 

during hyperemia. CD8+ basal ECAR (Figure 2.4) was negatively correlated with peak 

TPR (R=-0.58, P=0.0099) and the absolute change in TPR (r=-0.50, p=0.028) 

suggesting that greater CD8+ T-cell glycolytic metabolism is affecting the peripheral 

vasoconstriction during the breath-hold. No significant correlations were observed 

between maximal ECAR or basal OCR with either peak or the absolute change in 

TPR.  These data suggest that individuals with a greater capacity to vasoconstrict 

during a breath-hold have a greater pressor response. Additionally, these measures of 

TPR appear to be related to CD8+ basal glycolysis, where higher basal glycolysis was 

associated with a lower peak and absolute change in TPR.  
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 Table 2.6. CD4+ Mitochondrial Respiration and Glycolysis vs. Cerebrovascular Reactivity. 

Data were analyzed using linear regressions. Abbreviations: MCAv, middle cerebral artery 

velocity; BHI, breath-hold index; OCR, oxygen consumption rate; SRC, spare respiratory 

capacity; & ECAR, extracellular acidification rate.  

 

Table 2.6. CD4+ Mitochondrial Respiration and Glycolysis vs. 

Cerebrovascular Reactivity 

 β R2 P-value 𝑵 

MCAv BHI     

CD4+ Basal OCR -0.16 0.020 0.56 20 

CD4+ Proton leak OCR 0.018 0.00015 0.96 20 

CD4+ Maximum OCR -0.021 0.034 0.43 20 

CD4+ SRC OCR -0.022 0.035 0.43 20 

CD4+ Non-mitochondrial OCR -0.16 0.027 0.49 20 

CD4+ ATP-Linked OCR -0.15 0.046 0.37 20 

CD4+ Coupling Efficiency 0.00072 0.0045 0.78 20 

CD4+ Basal ECAR -0.35 0.030 0.46 20 

CD4+ Maximum ECAR -0.22 0.073 0.25 20 

CD4+ Basal OCR/ECAR Ratio -0.024 0.0028 0.82 20 

CD4+ Maximum OCR/ECAR Ratio -0.036 0.015 0.61 20 

MCACVC BHI     

CD4+ Basal OCR -0.11 0.036 0.44 19 

CD4+ Proton leak OCR 0.34 0.13 0.13 19 

CD4+ Maximum OCR -0.012 0.031 0.47 19 

CD4+ SRC OCR -0.013 0.029 0.49 19 

CD4+ Non-mitochondrial OCR -0.056 0.0086 0.71 19 

CD4+ ATP-linked OCR -0.14 0.098 0.19 19 

CD4+ Coupling efficiency -0.0025 0.14 0.12 19 

CD4+ Basal ECAR 0.28 0.048 0.37 19 

CD4+ Maximum ECAR -0.067 0.017 0.60 19 

CD4+ Basal OCR/ECAR Ratio -0.060 0.042 0.40 19 

CD4+ Maximum OCR/ECAR Ratio -0.045 0.060 0.31 19 
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Table 2.7. CD8+ Mitochondrial Respiration and Glycolysis vs. Cerebrovascular Reactivity. 

Data were analyzed using linear regressions. Significant models are in red font.  

Table 2.7. CD8+ Mitochondrial Respiration and Glycolysis vs. 

Cerebrovascular Reactivity 

 β R2 P-value 𝑵 

MCAv BHI     

CD8+ Basal OCR -0.59 0.27 0.019* 20 

CD8+ Proton leak OCR -0.017 0.00014 0.96 20 

CD8+ Maximum OCR -0.044 0.10 0.17 20 

CD8+ SRC OCR -0.042 0.077 0.24 20 

CD8+ Non-mitochondrial OCR -0.51 0.15 0.098 20 

CD8+ ATP-linked OCR -0.30 0.13 0.11 20 

CD8+ Coupling efficiency 0.0044 0.14 0.10 20 

CD8+ Basal ECAR -2.20 0.29 0.015* 20 

CD8+ Maximum ECAR -0.50 0.24 0.029* 20 

CD8+ Basal OCR/ECAR Ratio -0.11 0.057 0.31 20 

CD8+ Maximum OCR/ECAR 

Ratio 
-0.062 0.033 0.44 20 

MCACVC BHI     

CD8+ Basal OCR -0.16 0.049 0.36 19 

CD8+ Proton leak OCR 0.33 0.12 0.14 19 

CD8+ Maximum OCR -0.0023 0.00071 0.91 19 

CD8+ SRC OCR 
0.00004

5 

0.00000

023 
0.999 19 

CD8+ Non-mitochondrial OCR -0.27 0.11 0.17 19 

CD8+ ATP-linked OCR -0.18 0.12 0.14 19 

CD8+ Coupling efficiency -0.0017 0.049 0.36 19 

CD8+ Basal ECAR -0.024 
0.00008

9 
0.97 19 

CD8+ Maximum ECAR -0.076 0.014 0.63 19 

CD8+ Basal OCR/ECAR Ratio -0.084 0.081 0.24 19 

CD8+ Maximum OCR/ECAR 

Ratio 
-0.00037 

0.00000

29 
0.99 19 
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Abbreviations: MCAv, middle cerebral artery velocity; BHI, breath-hold index; OCR, oxygen 

consumption rate; SRC, spare respiratory capacity; & ECAR, extracellular acidification rate.  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.3. Mediation Analysis. Data were analyzed using a Mediation Analysis in Jamovi 

2.3.21.  Abbreviations: OCR; oxygen consumption rate; ECAR, extracellular acidification 

rate; MAP, mean arterial pressure; MCAv, middle cerebral artery velocity; & BHI, breath-

hold index.  
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Figure 2.4. Spearman correlations. Spearman correlations between basal glycolysis and 

baseline MAP (A), peak TPR (B), and the absolute change in TPR during hyperemia (C). 

Absolute change in TPR was calculated by subtracting the average value during the baseline 

from the peak value during hyperemia after the breath-hold. Abbreviations: ECAR, 

extracellular acidification rate; MAP, mean arterial pressure; & TPR, total peripheral 

resistance. 

2.4 Discussion 

We hypothesized that higher CD4+ and CD8+ T-cell OCR would be predictive 

of higher MCA BHI, whereas lower CD4+ and CD8+ T-cell ECAR would be 

predictive of lower BHI. Contrary to our hypothesis, CD4+ T-cell bioenergetics were 

not associated with MCA BHI and, unexpectedly, CD8+ T-cell basal OCR was 

inversely associated with lower MCA BHI. However, in accordance with our 

hypothesis, higher CD8+ T-cell basal and maximum ECAR were associated with lower 

MCA BHI, which may suggest that CD8+ T-cell ECAR influences the cerebrovascular 

response to the breath-hold. However, this association was abolished after correcting 

for beat-to-beat MAP (e.g., MCACVC), suggesting CD8+ ECAR may be related to the 

pressor response to the breath-hold. Indeed, mediation analyses showed that a lower 

pressor response mediated the relation between CD8+ ECAR and MCA BHI.  

In animal models, CD4+ T-cells are important regulators of cerebrovascular 

function by reducing inflammation and oxidative stress 39–41. Mitochondrial respiration 
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in CD4+ T-cells is important for maintaining low basal inflammation and preventing 

oxidative stress and widespread physiologic dysfunction 3,28,42,83,102. The participants 

in this study were generally healthy, and their leukocyte counts were normal. Elevated 

leukocytes, such as white blood cells are related to elevated systemic inflammation 

200,201. Thus, while not directly measured, it is possible that their basal inflammation 

was not elevated, and that CD4+ T-cell bioenergetics may become more important in 

regulating cerebrovascular function in unhealthier populations with greater basal 

inflammation. Additionally, we measured mitochondrial respiration and glycolysis in 

pan CD4+ T-cells, and not individual subpopulations which have been shown to exert 

differential effects on the vasculature. For instance, CD4+ TREG cells, in particular, 

have been shown to be protective of cerebrovascular function in animal models of 

increased inflammation and oxidative stress 39–41, while other subpopulations of pro-

inflammatory CD4+ T-cells (e.g., CD4+ TEFF) are detrimental to cerebrovascular 39 and 

vascular function 132,161,202. Therefore, measuring mitochondrial respiration and 

glycolysis in these subpopulations might be more sensitive predictors of 

cerebrovascular function in healthy populations.  

The observation that higher CD8+ T-cell basal respiration is predictive of lower 

MCAv BHI is unexpected, considering that CD8+ T-cells are typically more 

proinflammatory and have been shown to be deleterious for vascular function under 

conditions of reduced oxidative metabolism, such as what occurs during acute 

infection145. Thus, we hypothesized that higher mitochondrial respiration would be 

associated with a less inflammatory phenotype and preserved vascular function 3,28. 

However, our observation that higher CD8+ basal and maximal ECAR were associated 
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with lower MCAv BHI is consistent with our hypothesis and potentially explained by 

greater T-cell activation 3,71, as activated cells rely more on aerobic glycolysis 3,84,85.  

In addition to a well-defined metabolic shift towards greater aerobic glycolysis, 

during T-cell activation, there is also an increase in oxidative phosphorylation, which 

may explain why we observed an inverse association between basal OCR and BHI in 

our study 84,86. Aging is associated with an increase in effector and effector memory T-

cell populations 28,72,73, and CD8+ T-cells exhibit a greater shift towards effector 

memory T-cells compared to CD4+ T-cells and earlier in life 74. Thus, basal OCR may 

reflect an increase in the overall energetic demand of CD8+ T-cells and be higher in 

individuals with more glycolytic effector and effector memory CD8+ T-cells. In the 

present study, we measured mitochondrial respiration and glycolysis in pan CD8+ T-

cells and therefore were unable to assess energy metabolism in effector or effector 

memory T-cells individually, so this hypothesis cannot be confirmed.  

It is also important to note that, after correcting for beat-to-beat changes in 

MAP, none of the measured indices of CD8+ T-cell OCR or ECAR were associated 

with cerebrovascular function. Our exploratory analysis indicated that the change in 

MAP (e.g., pressor response) in response to the breath-hold test mediates the relation 

between CD8+ T-cell ECAR and MCAv BHI, with higher CD8+ T-cell basal and 

maximal ECAR associated with a reduced MAP response to the breath-hold test. 

Thus, glycolytic CD8+ T-cells (possibly reflective of greater T-cell activation) may 

blunt the pressor response to hypercapnia. This may be due to the fact that CD8+ are 

pro-inflammatory and cytotoxic 152 and more detrimental to blood pressure regulation 

than CD4+ T-helper cells 145.  
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Several prior studies have shown that a single breath-hold increases blood 

pressure 203–207 as a result of increased sympathetic activity, which results from 

combined responses of and between arterial baroreceptors and chemoreceptors 204,207–

209. Interestingly, we found that higher CD8+ basal ECAR was negatively associated 

with the peak and absolute change TPR during the breath-hold, which may reflect a 

decrease in sympathetic activity. It should be noted that sympathetic activity was not 

directly measured in our study and the relation between sympathetic activity and TPR 

appears somewhat dependent on sex and fitness level 210,211, thus this potential 

mechanism warrants further investigation.  However, there was no effect of sex or 

fitness on cerebrovascular reactivity in our data set (data not shown). Additionally, 

whether T-cell bioenergetics relate to the baroreceptor or chemoreceptor sensitivity 

during the breath-hold also requires further elucidation.  

There are limitations that should be considered when interpreting these data. 

We did not have an equal proportion of males and females in the study, so we are 

unable to adequately assess whether sex differences exist. Additionally, our measure 

of glycolysis (ECAR) is qualitative and not quantitative, thus does not offer an exact 

estimate of glycolysis. Future studies should utilize assays more specific for glycolysis 

(e.g., XF Glycolysis Stress Test, #103020-100). Lastly, a breath-hold is just one 

method that can be used to assess CVR. Future studies are needed to determine the 

association between T-cell metabolism and other methods of CVR (e.g., transient 

shear-mediated and sustained hypercapnia) 212.  

In conclusion CD4+ mitochondrial bioenergetics were not associated with the 

MCA cerebrovascular responses to the breath-hold test, while higher CD8+ basal OCR 

and basal and maximal ECAR were associated with a lower MCA BHI. These 
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associations were abolished after correcting for the change in blood pressure during 

the breath-hold test, suggesting that CD8+ T-cell bioenergetics may influence the 

blood pressure response during a breath-hold, possibly via decreased sympathetic 

activity. Future studies should explore the effect of T-cell bioenergetics on 

cerebrovascular function and sympathetic activity by measuring mitochondrial 

respiration and glycolysis in sub-populations of CD4+ and CD8+ T-cells in healthy 

adults and adults sub-clinical and clinical disease.  
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Chapter 3 

THE EFFECT OF EXOGENOUS LOW-DENSITY LIPOPROTEIN 

CHOLESTEROL ON T-CELL FUNCTION 

3.1 Introduction 

Aging is associated with an increase in chronic, sterile, low-grade 

inflammation termed “inflammaging” 24–26,213. Inflammaging increases the risk for 

developing age-related conditions such as cardiovascular disease (CVD) and AD 24–

26,213–216. Adaptive immune cells (e.g., T-lymphocytes, T-cells) are thought to be a 

major source of inflammaging 27–29. With aging, T-cells become dysfunctional and 

shift towards a pro-inflammatory phenotype 28,37,38, as a result of impaired 

mitochondrial function and cellular senescence 3,28.  Impairments in mitochondrial 

function, such as mitochondrial respiration can increase oxidative stress 45, resulting in 

a pro-inflammatory phenotype that drives early T-cell senescence 3,28,46,47. For 

instance, impairing mitochondrial respiration in T-cells from young mice induced pre-

mature aging, as well as widespread senescence and physiological dysfunction 42.  

While there is clear evidence linking T-cells function to inflammation, the 

factors contributing to impaired T-cell function with aging are not entirely understood. 

Coinciding with inflammaging, endogenous blood low-density lipoprotein cholesterol 

(LDL-C) also increases with age and peaks in mid-life 57,58. We and others have shown 

that blood LDL-C 57, has been linked to lower mitochondrial respiration in human 

peripheral blood mononuclear cells 48,49.  Additionally, treating T-cells with 

exogenous LDL-C decreased mitochondrial function 75, and has also been shown to 

induce mitochondrial dysfunction in other immune cells, such as macrophages 50. 

There is also evidence to suggest that LDL-C and apolipoprotein B-100 (apoB), the 

LDL-particle (LDL-P) responsible for carrying LDL-C, can act as a “neo-antigen” for 
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T-cells 51–53, possibly resulting in their repetitive activation. Repetitive activation can 

lead to cellular senescence overtime, and shifts T-cells to a more pro-inflammatory 

state 28,37,38,54–56.  

Therefore, the purpose of this study was to determine whether elevated 

exogenous LDL-C impairs CD4+ and CD8+ T-cell function collected from middle-

aged (50-64 adults). We hypothesized that treatment with a high concentration of 

exogenous LDL-C would decrease mitochondrial respiration, and increase 

mitochondrial damage (e.g., proton leak), inflammation (e.g., intracellular 

inflammatory cytokine production & non-mitochondrial respiration), activation, and 

senescence compared to treatment with low LDL-C in CD4+ and CD8+ T-cells.  

3.2 Materials and Methods 

3.2.1 Participant Recruitment 

Eighteen mid-life adults (aged 50-64 years) with endogenous LDL-C 

concentrations (<150 mg/dL) were recruited for this study. All procedures and 

protocols used were approved by the Institutional Review board at the University of 

Delaware (1753416-6) and are compliant with the standards set by the latest revisions 

of the Declaration of Helsinki 1975 (as revised in 1983). Before enrollment the 

rationale, procedures, risks, and benefits of taking part in the study were explained to 

the participants. Written or electronic informed consent was also obtained prior to 

enrollment.  Participants were asked to refrain from vigorous aerobic exercise and 

alcohol consumption for 24-hours and taking over-the-counter anti-inflammatory 

medications for 48-hours and were also asked to fast for at least 12-hours prior to each 

study visit. Study visits were also scheduled at least 14-days after a vaccination to 
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account for any acute changes in immune function. Participants were brought in for 

two study visits. The first visit was for the assessment of T-cell mitochondrial 

respiration using extracellular flux analysis, and the second was for the assessment of 

T-cell function using flow cytometry. 

Participants of all races and ethnic backgrounds were allowed to participate in 

this study. Study participants were recruited by advertising with businesses in the 

Newark, DE area, and by using university mailing lists and the Nurse Managed 

Primary Care Center (NMPCC) study participant registry at the University of 

Delaware. All participants were generally healthy (e.g., nonsmokers & free from 

systemic medical illness) and did not experience an acute infection (e.g., influenza, 

COVID-19) within 14 days prior to study enrollment. Participants were recruited if 

they had endogenous LDL-C concentrations ≤150 mg/dL but were not excluded for 

other abnormal blood lipid markers (e.g., high-density lipoprotein, triglycerides, total 

cholesterol, etc). Participants were excluded if they had a systemic medical illness 

(e.g., CVD, cancer, renal failure), or autoimmune disease (e.g., multiple sclerosis, 

Type 1 diabetes). Participants were also excluded if clinical blood markers were 

abnormal (± 2.5x the upper or lower limit) or if they were taking medications that 

affected inflammation (e.g., NSAIDs & corticosteroids) or endogenous lipid 

concentrations (e.g., statins).  

3.2.2 Questionnaires  

A series of questionnaires were administered for determining participant 

eligibility and as control variables for statistical analysis (when applicable). 

Participants were asked to complete a medical history questionnaire, sleep 

questionnaire (Pittsburgh Sleep Quality Index), physical activity questionnaire, recent 
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infections questionnaire, and a COVID-19 screening questionnaire. Variables such as 

sleep, physical activity, and acute infections can affect T-cell populations 179,180, 

vascular function 181, LDL-C concentrations 217, and cellular metabolism 84,86,183–185. 

3.2.3 Blood Draw 

Participants sat on a stretcher in a semi-recumbent position. A trained member 

of our research team or a trained research nurse performed the blood draw on two 

separate visits. For the first visit, 64 mL of blood was taken for measures of T-cell 

mitochondrial respiration using extracellular flux analysis, and for the second visit 48 

mL of blood was drawn for measures of T-cell function via flow cytometry. Control 

cells in the mitochondrial respiration experiments without the treatment of exogenous 

LDL-C were used for the analyses performed in Chapter 2. Cells treated with both the 

low (100 mg/dL) and high (200 mg/dL) concentration of exogenous LDL-C will be 

discussed here in Chapter 3. Additionally, 10 mL was drawn for the analysis of 

clinical labs including a complete blood count with differential, a comprehensive 

metabolic panel, and a lipid panel. The clinical samples were processed by LabCorp. 

3.2.4 Blood Pressure 

Participants rested quietly in semi-recumbent position for 5 minutes. The lights 

were dim, and the ambient room temperature was 22.4 ± 1.3˚C for the Seahorse 

experimental visits and 22.5 ± 1.3 ˚C during the flow cytometry experimental visits. 

Using a semi-automated oscillometric sphygmomanometer validated by the British 

Hypertension Society 190 (SunTech ADView 2, SunTech Medical) blood pressure was 

measured in the non-dominant arm. Continuous blood pressure measurements were 

taken until we obtained three values within 5 mmHg of one another with 2-minutes of 
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rest in-between in measurement. These three blood pressure values were then 

averaged for the calculation of resting blood pressure.  

3.2.5 Height and Weight 

A physician’s scale (Health o Meter Physician Digital Scale) was used to 

measure participant height (cm) and body mass (kg). Body mass index was calculated 

using height and body mass because obesity influences mitochondrial function 218. The 

equation for calculating BMI can be found below.  

BMI = Mass (kg) / [Height (cm)]2 

3.2.6 Peripheral Blood Mononuclear Cell Isolation 

Density gradient centrifugation was performed to isolate peripheral blood 

mononuclear cells (PBMCs) from whole blood SepMate™ -50 PBMC Isolation Tubes 

(Stemcell Technologies, #8540) for the separation of T-cells for the Seahorse and flow 

cytometry experiments. 15 mL histopaque 1077 (Sigma-Aldrich, #SD10771A) was 

pipetted into Sepmate™ tubes and pre-warmed for 10-minutes in a 37˚C water bath. 

1X phosphate buffered saline (PBS; Corning #21-040-CM) supplemented with 2% 

fetal bovine serum (FBS; Sigma-Aldrich, # F2442-50ML) was used to dilute the 

whole blood 1:1. The diluted whole blood was then pipetted into the Sepmate™ tubes 

containing the pre-warmed histopaque 1077. The Sepmate™ tubes were centrifuged 

for 10-minutes at room temperature at 1200 x G. The cells were then washed with 1X 

PBS with 2% FBS and centrifuged for 8-minutes at 300 x G. The red blood cells were 

then removed by resuspending the cell pellet in eBioscience™ 1X RBC Lysis Buffer 

(ThermoFisher, #00-4333-57) for 5-minutes on ice. The cells were then washed again, 

counted using the Thermo Fisher Countess II Automated Cell Counter and one 
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Countess™ Cell Counting Chamber Slide (ThermoFisher, # C10228), and prepared 

for either the positive T-cell separation (Seahorse) or the negative pan T-cell 

separation (Flow cytometry). 

3.2.7 Positive T-cell Separation and LDL-C Treatment 

To measure the effect of LDL-C on mitochondrial respiration, positive 

magnetic bead separation with the QuadroMACS™ separator (Miltenyi Biotec, #130-

091-051) and LS columns (Miltenyi Biotec, #130-042-401) were used to separate 

CD4+ and CD8+ T-cells from PBMCs.  Positive selection was first performed to 

isolate CD8+ T-cells using Human CD8 MicroBeads (Miltenyi Biotec, #130-045-201) 

following the protocol provided by the manufacturer, because they are a smaller 

proportion of pan T-cells 191. Following CD8+ T-cell separation, CD4+ T-cells in the 

effluent were labeled using Human CD4 MicroBeads (Miltenyi BioTec, #130-045-

101) per the manufacturers protocol. The cells were then resuspended in CTS™ AIM-

V™ Medium, without phenol red, without antibiotics (ThermoFisher, #A3830801) 

supplemented with 1x antibiotic-antimycotic (ThermoFisher, #15240062) and treated 

with LDL-C.  

Due to issues with LDL particle (LDL-P) availability, the LDL-P had to be 

obtained from two different vendors (StemCell, #02698 & Lee BioSolutions, #360-

10), resulting in slightly different LDL-C treatment concentrations. Additionally, the 

LDL-C concentration reported by the manufacturer varied from what was measured 

from an independent organization (IDEXX BioAnalytics, Colombia, MO). We 

originally aimed to treat the cells with 100 mg/dL and 200 mg/dL; however, based on 

the LDL-C concentration measured, the cells were treated with a low (66 ± 6.6 mg/dL) 
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and high (133 ± 13.6 mg/dL) concentration of LDL-C for 20 hours in a 37˚C cell 

culture incubator with 5% CO2.   

3.2.8 T-cell Mitochondrial Respirometry  

CD4+ and CD8+ T-cell mitochondrial respiration with extracellular flux 

analysis using the Seahorse XFe96 Analyzer (Agilent) and the Seahorse XF Cell Mito 

Stress Test Kit (Agilent, #103015-100). The Seahorse analyzer measures oxygen 

consumption rate before and after a series of injections that manipulate the electron 

transport chain. These injections allow for the calculation of basal and maximal 

respiration, spare respiratory capacity, coupling efficiency, ATP-linked O2 

consumption, proton leak, and non-mitochondrial O2 consumption. The compounds 

consist of 1.5 μM oligomycin, 2 μM carbonyl cyanide-4 (trifluoromethoxy) 

phenylhydrazone (FCCP), and 0.5 μM rotenone and antimycin A. The day before the 

assay, the XFe96 sensor cartridge was filled with 200 µL Seahorse XF Calibrant 

Solution (Agilent, #100840-000) and placed in a non-CO2 incubator at 37˚C overnight. 

Seahorse XF RPMI medium, pH 7.4 (Agilent, # 103576-100) was supplemented with 

10 mM glucose (Agilent, #103577-100), 1 mM sodium pyruvate (Agilent, #103578-

100), and 2 mM glutamine (Agilent, #103579-100). The cells were then washed and 

resuspended in the complete medium (XF RPMI). The cells were then seeded into 

separate wells at a density of 315,000 cells/well in 180 μL. To prevent evaporation, 

the inner 60-wells were used 192. The plate was centrifuged at 300 x G for 2 minutes.  

The XFe96 sensor cartridge calibrated in the XFe96 Analyzer, while the cells 

were buffered in a non-CO2 incubator for 45 minutes. Agilent’s Seahorse XF Cell 

Mito Stress Test protocol was used to analyze mitochondrial respiration. The plate was 

imaged with transmitted light using the ImageXpress Pico Automated Cell Imaging 
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System (Molecular Devices) to normalize the respiration data in each well to the total 

seeding density. The total cell count of the well was then extrapolated based on the 

seeding density within the 1.92 mm2 area of each well. The Seahorse data was 

analyzed using Agilent’s online software (Seahorse Analytics). The wells were 

normalized to the total cell count with a scaling factor of 10000 and mitochondrial 

respiration was expressed as pmol/min/10,000 cells/well and glycolysis was expressed 

as mpH/min/10,000 cells/well. The definitions and calculations for each measure of 

mitochondrial respiration or glycolysis can be found in Appendix A. The background 

wells were also imaged and normalized to ensure all wells were treated consistently, 

despite not containing any cells.  

3.2.9 Negative T-cell Separation and LDL-C Treatment 

Pan T-cells were separated from PBMCs using negative magnetic bead 

separation for flow cytometry experiments using the Pan T-cell Biotin Antibody 

Cocktail (Miltenyi Biotek, #130-096-535) and the Pan T-cell Microbead Cocktail 

(Miltenyi Biotek, #130-096-535) per the manufacturers protocol. The pan T-cells cells 

were then resuspended in CTS™ AIM-V™ Medium, without phenol red, without 

antibiotics (ThermoFisher, #A3830801) supplemented with 1x antibiotic-antimycotic 

(ThermoFisher, #15240062). For the T-cell dysfunction experiment, the samples the 

samples were treated with a low (71 mg/dL) and high (142 mg/dL) concentration of 

LDL-C (StemCell, #02698) for 20 hours. The LDL-C concentration in the LDL 

particles (LDL-P) were assessed by IDEXX BioAnalytics (Colombia, MO). As 

previously mentioned, the LDL-C concentrations measured varied from the 

concentrations provided by the manufacturer. Reported is the actual concentration the 

cells were treated with based on the IDEXX measurement. The cells were then placed 
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in a 37˚C cell culture incubator with 5% CO2. For the intracellular cytokine 

experiment the cells were first treated with 2 µM monensin (Biolegend, #420701), a 

compound that blocks the transport of cytokines from the medial to trans cisternae for 

24-hours 219, and then treated with low (71 mg/dL) and high (142 mg/dL) 

concentration of LDL-C for 20 hours. Additionally, a subset of the samples was also 

treated with Cell Activation Cocktail (without Brefeldin A; Biolegend, #423301), per 

the manufacturer instructions for 12-hours. These samples were used as positive 

controls for cytokine production. Unstained controls were present for both flow 

cytometry experiments.  

3.2.10 Flow Cytometry Experiments 

For the T-cell dysfunction experiment, samples incubated with 1 µm 

MitoSOX™ (PE Texas Red; Thermofisher, #M36008) for 30-minutes in a 37˚C water 

bath in the dark. MitoSOX™ is a fluorogenic dye that specifically targets 

mitochondrial superoxide in T-cells 220–222. The concentration was determined from 

preliminary experiments (Data not shown). The samples were then washed with flow 

buffer (1X PBS + 0.5% FBS) and stained with 1 µm BODIPY™ 493/503 (FITC; 

Invitrogen, #D3922) for 15-minutes at room temperature in the dark. The 

concentration was determined from preliminary experiments (data not shown). The 

samples were then washed and stained with the antibody cocktail for 30-minutes at 

room temperature in the dark.  

For the intracellular cytokine experiment, the samples were first incubated with 

1:1000 Zombie Red™ (561nm 610/20BP; Biolegend, 423109) for 10-minutes at room 

temperature in the dark. The samples were then washed with flow buffer and stained 

with the surface marker antibody cocktail for 15-minutes at room temperature in the 
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dark. Samples were washed and incubated with Cyto-Fast™ Fix Perm Solution for 20-

minutes at room temperature in the dark (Biolegend, #426803), and then washed three 

times with 1x Cyto-Fast™ Perm Wash Solution (Biolegend, #426803) per the 

manufacturers protocol. Samples were then incubated with intracellular cytokine 

antibody cocktail for 20-minutes in the dark at room temperature.  

The samples were analyzed using a BD FACSAria Fusion High Speed Cell 

Sorter. Samples were analyzed for 20,000 events. To correct for fluorescence 

spillover, compensation control experiments were performed (Data not shown). The 

compensation corrections were used in all experiments. The gating strategy for 

identifying CD3+, CD4+, and CD8+ cells for both flow cytometry experiments can be 

found in figure 3.1 below. To define positive populations, the unstained untreated 

sample was used as the negative control for CD3+ T-cells and viability dyes. CD4+ 

was plotted against CD8+, and a threshold of 103 was used to define CD4+ and CD8+ 

T-cells. The surface marker-stained sample was only stained for CD3+, CD4+, and 

CD8+ T-cells, and was used as a negative control for MitoSOX, BODIPY, CD69+, and 

inflammatory cytokines. For the T-cell dysfunction experiment, the effect of LDL-C 

on mitochondrial superoxide, intracellular lipids, T-cell activation, and T-cell 

senescent populations was assessed. The fully-stained sample was stained with all of 

the markers of interest for each experiment.  

To assess the effect of LDL-C on mitochondrial superoxide, the percent of PE 

Texas Red MitoSOX™ positive CD4+ and CD8+ T-cells were plotted on a contour 

plot. To determine whether the LDL-C treatment increased intracellular lipids, the 

percent of FITC BODIPY™ 493/503 positive CD4+ and CD8+ T-cells were plotted on 

a contour plot. Finally, to determine the effect of LDL-C on T-cell activation, the 
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percentage of APC-Cy7 CD69+ CD4+ and CD8+ T-cells were plotted on a contour 

plot. A double-positive gating strategy was used to define activated cells.  As 

mentioned, the surface marker-stained sample was used to define CD69+ cells, and the 

fully stained untreated sample was used to define CD69++ cells vs. CD69+. Activated 

cells are those that are CD69++. To determine the effect of LDL-C on changes in CD4+ 

and CD8+ senescent T-cell populations, CD45RA was plotted against CD27. A 

threshold of 103 was used to identify positive populations for CD45RA vs. CD27. 

Naïve T-cells were identified as CD45RA+ CD27+, central memory T-cells were 

identified as CD45RA- CD27+, effector memory T-cells were identified as CD45RA- 

CD27- and terminally differentiated were identified as CD45RA+ CD27-. Although all 

T-cell populations contain senescent cells (e.g., β-galactosidase) 223, effector memory 

and terminally differentiated T-cell populations contain the greatest proportion of 

senescent T-cells 28,78,223.  Additionally, terminally differentiated cells express a pro-

inflammatory, senescent phenotype, and contain the greatest proportion of senescent 

cells  28,78,223. Thus, for this study, terminally differentiated T-cells will be considered 

senescent.  

 For the intracellular cytokine experiment, the effect of LDL-C on intracellular 

cytokines was assessed. The same gating strategy was used to define live, CD3+, CD4+ 

and CD8+ T-cells (Figure 3.2). The surface marker-stained sample was used to define 

the negative inflammatory cytokine populations. Flow cytometry analysis was 

performed using FCS Express™ Flow Cytometry Software (De Nova Software, 

Pasadena, CA, version 7.16.0047). The percentage of each positive inflammatory 

cytokine listed in table 3 were plotted on a contour plot. These protocols were 

developed with the assistance of the University of Delaware’s Flow Cytometry Core.   
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Figure 3.1. Representative Gating Strategy. The figure is a representation of the gating 

strategy used to identify CD3+, CD4+, and CD8+ T-cells for both flow cytometry experiments. 

The only difference is the viability dye used in each experiment. In T-cell dysfunction 

experiment, Ghost Dye Violet 510 was used, and in the intracellular cytokine experiment, 

Zombie Red™ was used. For either experiment, live cells were identified as the populations 

negative for either viability dye.  
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Figure 3.2. Gating strategy for CD69 marker. The figure is a representation of the gating 

strategy used to identify CD69+ and CD69++ T-cells. CD69++ were considered activated.  

 

3.2.11  Statistical Analysis 

To assess data quality for any inconsistencies or problematic data, descriptive 

statistics were first performed for each variable. Any non-physiologic or impossible 

values were cross-referenced with existing records and corrected. Values that could not 

be corrected were either dropped or left in the analysis if there was sufficient rationale 

to do so. The robust regression and outlier removal method (ROUT) was used to define 

and remove outliers. 

To assess the impact of cholesterol treatment level (high vs. low) on T-cell 

function, we used the Wilcoxon signed-rank test – one test for each measure of T-cell 

function. The Wilcoxon signed-rank test was also used to assess the differential effect 

of LDL-C on CD4+ vs. CD8+ T-cells. This test is 95% as powerful as the T-test when 

the data are drawn from normally distributed populations, and it can also accommodate 

non-normal scenarios at the relatively small sample sizes that this study hopes to recruit. 

An of 𝑛∗ = 14 allowed us to detect a large effect (𝑑 = 0.85) for each of the tests described 

with 80% power. Spearman correlations matrices were used to determine the association 

between changes in measures of T-cell function between high and low LDL-C 
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treatment. 𝛼 was set at 0.05. GraphPad Prism 9 (GraphPad Prism 9.4.1.681) was used 

for all statistical analyses. 

3.3 Results 

Eighteen middle-aged (59 ± 5 years; 5 male, 13 female) participants were 

recruited for the study. Participants were generally healthy with normal BMI  195 and 

resting heart rate 197, and exhibited elevated blood pressure (Table 3.1) 196. Participants 

blood lipids were also normal with only slightly elevated LDL-C concentration, as 

would be expected with aging. However, the participant’s LDL-C concentrations were 

well below our exclusion of 150 mg/dL. Participants leukocyte counts were also 

normal (Table 3.2).  

 

Table 3.1. Participant Characteristics 

𝑵=18 Mean ± SD Min-Max 

Age, years 59 ± 5  52 – 64  

Sex, Male/Female 5/13 - 

Height, cm 167.9 ± 10.3 149.4 – 182.4 

Mass, kg 71.0 ± 18.4  43.1 – 98.7  

BMI, kg/m2 24.9 ± 4.5 18.3 – 32.2  

Resting Central Hemodynamics   

SBP, mmHg 121 ± 10  104 – 138  

DBP, mmHg 73 ± 6  61 – 82 

MAP, mmHg 88 ± 6 75 – 97 

PP, mmHg 48 ± 8 36 – 69  

HR, bpm 60 ± 8 46 – 84 
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Table 3.1. Descriptive Statistics. Abbreviations: BMI, body mass index; SBP, systolic blood 

pressure; DBP, diastolic blood pressure; MAP, mean arterial pressure; PP, pulse pressure; HR, 

heart rate; & bpm, beats-per-minute. 

 

 

 

 

Table 3.2. Clinical Blood Chemistry. Abbreviations: HDL-C, high-density lipoprotein 

cholesterol; LDL-C, low-density lipoprotein cholesterol; VLDL-C, very low-density 

lipoprotein cholesterol; & WBC, white blood cell.  

Table 3.2 Clinical Blood Chemistry 

𝑵=18 Mean ± SD Min-Max 

Metabolic Health   

Total cholesterol, mg/dL 196 ± 27 140 – 236 

HDL-C, mg/dL 71 ± 24 35 – 117 

LDL-C, mg/dL 111 ± 23 69 – 149 

VLDL-C, mg/dL 17 ± 11 7 – 49 

Triglycerides, mg/dL 92 ± 67 39 – 279 

Blood glucose, mg/dL 91 ± 9  73 – 102 

Leukocyte Count   

WBC count, 1.0 x 103 cells/µL 7.1 ± 11.0 2.9 – 51.0 

Monocytes, 1.0 x 103 cells/µL 0.4 ± 0.1 0.3 – 0.7 

Lymphocytes, 1.0 x 103 cells/µL 1.6 ± 0.7  0.8 – 4.1 

Neutrophils, 1.0 x 103 cells/µL 2.4 ± 0.8 1.2 – 3.5 

Basophils, 1.0 x 103 cells/µL 0.0 ± 0.0 0.0 – 0.0 

Eosinophils, 1.0 x 103 cells/µL 0.1 ± 0.1. 0.0 – 0.3 
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The Effect of LDL-C on Mitochondrial Respiration and Glycolysis 

We first assessed whether treatment with higher (133 ± 13.6 mg/dL), compared 

to lower (66 ± 6.6 mg/dL) concentrations of LDL-C impaired bioenergetics in CD4+ 

T-cells (Table 3.3). Compared to the low LDL-C condition, the high LDL-C condition 

lowered basal OCR (low: 0.75 ± 0.34 vs. high: 0.65 ± 0.35 pMol/min/10,000 cells, 

p=0.022, Fig. 3.3A), ATP-Linked OCR (low: 0.84 ± 0.31 vs. high: 0.64 ± 0.3, 

p=<0.0001, Fig. 3.3B), non-mitochondrial OCR (low: 0.87 ± 0.37 vs. high: 0.75 ± 

0.28, p=0.030, Fig. 3.3C), and increased proton leak (low: -0.11 ± 0.13 vs. high: -0.03 

± 0.13, p=0.018, Fig. 3.3D) in CD4+ T-cells (Table 3.3). There was no effect of LDL-

C on CD4+ maximal OCR, spare respiratory capacity, or coupling efficiency (Table 

3.3). One data point for CD4+ basal OCR had to be removed because it was not 

physiological. We then assessed whether high LDL-C treatment increased glycolysis 

in CD4+ T-cells and found that the ratio of basal OCR/ECAR was decreased (low: 

0.29 ± 0.79 vs. high: 2.16 ± 0.81 pH/min/10,000 cells, p=, Fig. 3.3F) following the 

treatment with high LDL-C compared to treatment with low LDL-C, indicating CD4+ 

T-cells underwent a metabolic switch from oxidative to glycolytic metabolism. High 

LDL-C treatment also appeared to increase basal ECAR (low: 0.25 ± 0.09 vs. high: 

0.28 ± 0.12 pH/min/10,000 cells, p=0.054, Fig. 3.3E), but this was not statistically 

significant. There was also no effect of the LDL-C treatment on maximal ECAR or the 

ratio of maximal OCR/ECAR (Table 3.3).  
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Figure 3.3. The Effect Of LDL-C on CD4+ bioenergetics. CD4+ T-cells were treated with a 

low (66 mg/dL) and high (133 mg/dL) for 20 hours and the following measures of 

mitochondrial respiration and glycolysis were calculated: A) basal OCR, B) ATP-linked OCR, 

C) non-mitochondrial OCR, D) proton leak, E) basal ECAR, F) the ratio of basal OCR/ECAR. 

Wilcoxon signed rank tests were used for statistical analysis. Data are presented as mean ± 

SD. Abbreviations: OCR, oxygen consumption rate; & ECAR, extracellular acidification rate. 
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 Table 3.3. The Effect of LDL-C on CD4+ Mitochondrial Respiration and Glycolysis. 

Wilcoxon signed rank tests were used to assess the effect of low (66 mg/dL) vs. high (133 

mg/dL) LDL-C treatment on measures of mitochondrial respiration and glycolysis in CD4+ 

and CD8+ T-cells. Abbreviations: OCR, oxygen consumption rate; SRC, spare respiratory 

capacity; ECAR, extracellular acidification rate; & LDL-C, low-density lipoprotein 

cholesterol.  

We next assessed the effect of LDL-C on CD8+ bioenergetics. Compared with 

the low LDL-C condition, the higher LDL-C condition impaired ATP-Linked OCR 

(low: 0.85 ± 0.44 vs. high: 0.64 ± 0.14, p=<0.0024, Fig. 3.4B) and increased proton 

leak (low: -0.24 ± 0.15 vs. high: -0.11 ± 0.16, p=<0.012, Fig. 3.4D) and appeared to 

exert a similar effect on CD8+ basal OCR; however, this was not statistically 

Table 3.3. The Effect of LDL-C on CD4+ Mitochondrial Respiration and 

Glycolysis  

 

 
Low LDL-C 

Mean ± SD 

High LDL-C   

Mean ± SD 
p-value 𝑵 

Basal OCR, 

pMol/min/10,000 cells 
0.75 ± 0.34 0.65 ± 0.35 0.022 17 

Proton leak, 

pMol/min/10,000 cells 
-0.11 ± 0.13 -0.03 ± 0.13 0.018 17 

Maximal OCR, 

pMol/min/10,000 cells 
7.01 ± 4.36 6.66 ± 3.84 0.52 17 

SRC OCR, 

pMol/min/10,000 cells 
6.28 ± 4.07 6.05 ± 3.53 0.71 17 

Non-mitochondrial OCR, 

pMol/min/10,000 cells 
0.87 ± 0.37 0.75 ± 0.28 0.030 17 

ATP-linked OCR, 

pMol/min/10,000 cells 
0.84 ± 0.31 0.64 ± 0.3 <0.0001 17 

Coupling efficiency, % 122.20 ± 21.90 113.72 ± 33.12 0.25 17 

Basal ECAR, 

mpH/min/10,000 cells 
0.25 ± 0.09 0.28 ± 0.12   0.054 17 

Maximal ECAR, 

mpH/min/10,000 cells 
1.13 ± 0.55 1.03 ± 0.50 0.15 17 

Basal OCR/ECAR ratio, 

a.u. 
2.90 ± 0.79 2.16 ± 0.81 0.0004 17 

Maximal OCR/ECAR 

ratio, a.u. 
6.05 ± 1.03 6.19 ± 1.41 0.41 17 
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significant. The higher LDL-C condition also did not affect non-mitochondrial OCR, 

maximal OCR, spare respiratory capacity, or coupling efficiency (Table 3.4). One data 

point had to be removed for CD8+ coupling efficiency and ATP-linked OCR because 

they were non-physiologic. Like CD4+ cells, we found that the higher LDL-C 

condition increased CD8+ basal ECAR (low: 0.20 ± 0.07 vs. high: 0.23 ± 0.09, p=<, 

Fig. 3.4B) and lowered the basal ratio of OCR/ECAR (low: 2.78 ±084 vs. high: 2.05 ± 

0.77, p=0.0001, Fig. 3.4B) relative to the low LDL-C condition, indicating a metabolic 

shift towards glycolysis. There was no effect of higher LDL-C on CD8+ maximal 

ECAR or the maximal ratio of OCR/ECAR (Table 3.4).  

 

Figure 3.4. The Effect Of LDL-C on CD8+ bioenergetics. CD8+ T-cells were treated with a 

low (66 mg/dL) and high (133 mg/dL) for 20 hours and the following measures of 

mitochondrial respiration and glycolysis were calculated: A) basal OCR, B) ATP-linked OCR, 

C) non-mitochondrial OCR, D) proton leak, E) basal ECAR, F) the ratio of basal OCR/ECAR. 

Wilcoxon signed rank tests were used for statistical analysis. Data are presented as mean ± 

SD. Abbreviations: OCR, oxygen consumption rate; & ECAR, extracellular acidification rate. 
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Table 3.4. The Effect of LDL-C on CD8+ Mitochondrial Respiration and Glycolysis. 

Wilcoxon signed rank tests were used to assess the effect of low (66 mg/dL) vs. high (133 

mg/dL) LDL-C treatment on measures of mitochondrial respiration and glycolysis in CD8+ T-

cells. Abbreviations: OCR, oxygen consumption rate; SRC, spare respiratory capacity; ECAR, 

extracellular acidification rate; & LDL-C, low-density lipoprotein cholesterol.  

We then sought to determine whether LDL-C differentially affected CD4+ vs. 

CD8+ bioenergetics. An exploratory analysis was performed by calculating and 

comparing the percent change between treatment with high and low LDL-C for each 

measure of OCR and ECAR and compared that was significant in both CD4+ and 

CD8+ T-cells. There was no difference between the effect of high LDL-C treatment on 

CD4+ or CD8+ ATP-linked OCR (CD4+: -25.20 ± 23.50 vs. CD8+: -18.73 ± 20.02 

Table 3.4. The Effect of LDL-C on CD8+ Mitochondrial Respiration and 

Glycolysis  

 
Low LDL-C 

Mean ± SD 

High LDL-C   

Mean ± SD 
p-value 𝑵 

Basal OCR, 

pMol/min/10,000 cells 
0.57 ± 0.28 0.49 ± 0.23 0.066 15 

Proton leak, 

pMol/min/10,000 cells 
-0.24 ± 0.15 -0.11 ± 0.16 0.012 15 

Maximal OCR, 

pMol/min/10,000 cells 
7.42 ± 5.25 7.51 ± 3.88 0.37 15 

SRC OCR, 

pMol/min/10,000 cells 
6.86 ± 5.07 7.02 ± 3.73 0.39 15 

Non-mitochondrial OCR, 

pMol/min/10,000 cells 
0.89 ± 0.44 0.77 ± 0.31 0.17 15 

ATP-linked OCR, 

pMol/min/10,000 cells 
0.85 ± 0.35 0.64 ± 0.14 0.0024 14 

Coupling efficiency, % 155.89 ± 40.39 113.36 ± 54.54 0.060 14 

Basal ECAR, 

mpH/min/10,000 cells 
0.20 ± 0.07 0.23 ± 0.09 0.025 14 

Maximal ECAR, 

mpH/min/10,000 cells 
1.02 ± 0.44 1.07 ± 0.46 0.40 14 

Basal OCR/ECAR ratio, 

a.u. 
2.78 ± 0.84 2.05 ± 0.77 0.0001 15 

Maximal OCR/ECAR 

ratio, a.u. 
6.21 ± 1.09 6.50 ± 1.45 0.23 15 
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pMol/min/10,000 cells, p=0.86), proton leak (CD4+: -86.42 ± 219.25 vs. CD8+: -44.55 

± 60.84, p=0.15), or basal ratio of OCR/ECAR (CD4+: -25.20 ± 27.70 vs. CD8+: -

26.60 ± 20.03 mpH/min/10,000 cells, p=0.42). However, LDL-C seemed to affect 

basal ECAR to a greater extent in CD8+ cells compared with CD4+ cells, as the change 

in basal ECAR appeared higher after the treatment with high LDL-C (CD4: 12.10 ± 

17.52 vs. CD8: 19.21 ± 25.07%Δ, p=0.068), although this was not statistically 

significant.  

These data suggest that treatment with a higher concentration of LDL-C 

impairs CD4+ and CD8+ T-cell basal oxidative metabolism and metabolism linked to 

ATP-production. Additionally, the treatment with a higher concentration of LDL-C 

appeared to augment CD4+ and CD8+ T-cell glycolysis. CD8+ T-cell glycolytic 

metabolism may also be more sensitive to LDL-C treatment, as basal ECAR appeared 

to increase to a greater extent in CD8+ T-cells, compared to CD4+ T-cells.  

The Effect of LDL-C on T-cell Function 

We next sought to determine the effect of LDL-C on CD4+ and CD8+ lipid 

uptake, mitochondrial reactive oxygen species (mtROS), activation, T-cell 

differentiation, and senescence (e.g., terminal differentiation). High LDL-C (142 

mg/dL) increased intracellular lipid uptake (low: 81.62 ± 20.80 vs. high: 91.13 ± 18.17 

% gated from plot, p=0.043, Fig 3.5A), mtROS (low: 11.23 ± 7.12 vs. high: 36.04 ± 

35.43, p=0.0026, Fig 3.5B), and activation (low: 6.78 ± 5.77 vs. high: 19.16 ± 20.51, 

p=0.0093, Fig 3.5C), compared to treatment with low LDL-C (72 mg/dL) in CD4+ T-

cells. Because LDL-C increased activation, we also investigated T-cell differentiation 

following LDL-C treatment. High LDL-C did not alter CD4+ naïve populations (low: 
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32.02 ± 13.81 vs. high: 30.98 ± 14.15, p=0.28, Fig 3.5D), but decreased the proportion 

of CD4+ central memory T-cells (low: 49.55 ± 10.83 vs. high: 42.31 ± 9.01, p=0.0001, 

Fig 3.5E) and increased the proportion of CD4+ effector memory (low: 17.39 ± 7.79 

vs. high: 24.31 ± 11.46, p=, Fig 3.5F) and terminally differentiated (low: 1.04 ± 1.40  

vs. high: 2.40 ± 2.52, p=, Fig 3.5G) T-cells.  

Treatment with high LDL-C also increased CD8+ T-cell lipid uptake (low: 

72.92 ± 28.24 vs. high: 89.95 ± 14.67 % gated from plot, p=0.0085, Fig 3.6A), 

mitochondrial ROS (low: 4.90 ± 5.35  vs. high: 20.17 ± 22.19 , p=0.0024, Fig 3.6B) 

compared with low LDL-C. Similar to CD4+ T-cells, the treatment with LDL-C 

increased activation (low: 12.75 ± 11.73 vs. high: 27.91 ± 26.87, p=0.0009, Fig 3.6C) 

in CD8+ T-cells. We then investigated the effect of high LDL-C treatment on CD8+ T-

cell differentiation and found significantly decreased naïve (low: 37.83 ± 15.56 vs. 

high: 33.28 ± 16.58, p=0.010, Fig 3.6D), central memory (low: 33.71 ± 12.73 vs. high: 

30.08 ± 11.75, p=, Fig 3.6D), and increased effector memory (low: 14.56 ± 7.10 vs. 

high: 21.36 ± 8.98, p=, Fig 3.6E) and senescence (e.g., terminally differentiated) (low: 

13.01 ± 7.78 vs. high: 14.86 ± 8.10, p=, Fig 3.6F) in CD8+ T-cells. Importantly, there 

was only a small reduction in CD3+ viability following treatment with high LDL-C, 

compared with low LDL-C (low: 92.9 vs. 88.8%, p=0.0092). 

We then performed an exploratory analysis to assess whether LDL-C 

differentially effected CD4+ and CD8+ T-cell function by calculating the percent 

change in lipid uptake, mtROS, activation, and T-cell differentiation from treatment 

with high and low LDL-C in CD4+ and CD8+ T-cells. Treatment with high LDL-C 

increased intracellular lipid uptake (CD4: 16.74 ± 34.45 vs. CD8: 46.57 ± 74.79%Δ, 

p=0.034) and appeared to increase mtROS (CD4: 234.52 ± 314.28 vs. CD8: 321.03 ± 
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376.05 p=0.068) to a greater extent in CD8+ compared to CD4+ T-cells. Although, the 

difference in mtROS production in response to high LDL-C was not statistically 

significant between CD4+ vs. CD8+ T-cells. There was also no differential effect of 

LDL-C on CD4+ and CD8+ T-cell activation (CD4: 205.7 ± 293.3 vs. CD8: 123.2 ± 

161.9, p=0.47). Additionally, treatment with high LDL-C significantly increased 

senescent CD4+ T-cells to a greater extent compared to CD8+ T-cells (CD4: 291.39 ± 

480.78 vs. CD8: 18.57 ± 32.33, p=0.0015).There was no differential effect of LDL-C 

on CD4+ or CD8+ central (CD4: -13.54 ± 12.70 vs. CD8: 10.09 ± 12.19 p=0.59) or 

effector (CD4: 48.99 ± 71.91 vs. CD8: 61.02 ± 80.63, p=0.30) memory populations.  

Treatment with LDL-C increased intracellular lipids and mtROS in CD4+ and 

CD8+ T-cells. Although, CD8+ T-cells appear to be more sensitive to lipid uptake and 

mtROS production following treatment with higher LDL-C. Additionally, higher 

LDL-C treatment increased activation in CD4+ and CD8+ T-cells, decreased the 

proportion of CD8+ naïve T-cells and CD4+ and CD8+ central memory T-cells, and 

increased CD4+ and CD8+ effector memory and senescent T-cell populations. CD4+ T-

cells appear to be more susceptible to undergo senescence following treatment with 

high LDL-C.  
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Figure 3.5. The Effect Of LDL-C on CD4+ T-cell Function. CD4+ and CD8+ were treated with 

a low (71 mg/dL) and high (142 mg/dL) concentration of LDL-C for 20 hours. The following 

variables were measured in CD4+ using flow cytometry: A) intracellular lipids, B) mtROS, C) 

T-cell activation, D) central memory populations, E) effector memory populations, & F) 

terminally differentiated populations. Wilcoxon signed-rank tests were used for statistical 

analyses. Data are presented as mean ± SD. Abbreviations: mtROS, mitochondrial reactive 

oxygen species. 

The Effect of LDL-C on T-cell Intracellular Cytokines 

Because we saw a shift in mitochondrial bioenergetics, activation status, and 

T-cell populations towards a pro-inflammatory phenotype, we also assessed the effect 

of LDL-C on inflammatory cytokine production in CD4+ and CD8+ T-cells. We found 

that production of pro-inflammatory cytokines IL-6 (low: 72.49 ± 21.47 vs. high: 

77.19 ± 22.42% gated from plot, p=0.0092, Fig. 3.7B) and IL-1β (low: 7.73 ± 9.59 vs. 
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high: 16.60 ± 25.85, p=0.0056, Fig. 3.7C) were increased in CD4+ T-cells following 

treatment with high LDL-C. This was coupled with an increase in intracellular anti-

inflammatory cytokine IL-10 (low: 5.13 ± 9.21 vs. high: 12.28 ± 19.96, p=0.0013, Fig 

3.7A). The pro-inflammatory cytokine IL-17A also appeared to increase following the 

treatment with high LDL-C (low: 0.63 ± 1.30 vs. high: 0.97 ± 1.79, p=0.081), however 

this was not statistically significant. There was no effect of the high LDL-C treatment 

on INF-γ (low: 4.14 ± 5.48 vs. high:  4.06 ± 4.77, p=0.58) or TNF-α (low: 26.20 ± 

15.79 vs. high: 28.00 ± 15.47, p=0.26). 

 

Figure 3.6. The Effect Of LDL-C on CD8+ T-cell Function. CD4+ and CD8+ were treated with 

a low (71 mg/dL) and high (142 mg/dL) concentration of LDL-C for 20 hours. The following 

variables were measured in CD8+ using flow cytometry: A) intracellular lipids, B) mtROS, C) 

T-cell activation, D) central memory populations, E) effector memory populations, & F) 

terminally differentiated populations. Wilcoxon signed-rank tests were used for statistical 
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analyses. Data are presented as mean ± SD. Abbreviations: mtROS, mitochondrial reactive 

oxygen species. 

 

Similarly, LDL-C increased intracellular production of pro-inflammatory 

cytokines IL-6 (low: 74.48 ± 25.54 vs. high: 78.82 ± 26.45 % gated from plot, 

p=0.0044, Fig. 3.7E) and IL-1β (low: 11.13 ± 15.62 vs. high: 20.75 ± 30.02, p=0.0151, 

Fig. 3.7F), and increased production of anti-inflammatory cytokine IL-10 (low: 1.84 ± 

3.00 vs. high: 6.94 ± 10.99, p=0.0009, Fig. 3.7D). Surprisingly, pro-inflammatory 

cytokine TNF-α was significantly lower following the treatment with high LDL-C 

(low: 11.83 ± 7.83 vs. high: 8.19 ± 6.64, p=0.0076), and appeared to decrease pro-

inflammatory cytokine IL-17A (low: 0.30 ± 0.41 vs. high: 0.22 ± 0.32, p=0.060), 

although this was not statistically significant. There was no effect of the high LDL-C 

treatment on CD3+ viability compared with low LDL-C treatment (low: 92.3 vs. high: 

91.6%, p=0.71) 
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Figure 3.7. The Effect Of LDL-C on CD4+ and CD8+ T-cell Cytokine Production. CD4+ and 

CD8+ were treated with a low (71 mg/dL) and high (142 mg/dL) concentration of LDL-C for 

20 hours. The production of the following intracellular cytokines was measured using flow 

cytometry: A) CD4+ IL10, B) CD4+ IL-6, C) CD4+ IL-1β, D) CD8+ IL-10, E) CD8+ IL-6, & F) 

CD8+ IL-1β. Wilcoxon signed-rank tests were used for statistical analyses. Data are presented 

as mean ± SD. 

We then wanted to determine whether treatment with high LDL-C 

differentially affected cytokine production in CD4+ and CD8+ T-cells. As was done 

previously, we performed an exploratory analysis and calculated and compared the 

percent change from high to low LDL-C treatment in CD4+ and CD8+ T-cells. 

Treatment with high LDL-C did not differentially affect IL-10 (CD4: 330.47 ± 385.86 

vs. CD8: 491.26 ± 972.18%Δ, p=0.30), IL-6 (CD4: 7.76 ± 11.82 vs. CD8: 6.68 ± 

13.58%Δ, p=0.36), or IL-1β (CD4: 770.02 ± 2624.77 vs. CD8: 78.75 ± 159.99%Δ, 

p=0.81).  

Treatment with higher LDL-C increased anti-inflammatory cytokine IL-10 and 

pro-inflammatory cytokines IL-6 and IL-1β in CD4+ and CD8+ T-cells.  There was no 

differential effect of LDL-C on CD4+ or CD8+ T-cell cytokine production.  
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The Interaction Between T-cell Lipid Uptake, Bioenergetics, Dysfunction, and 

Inflammation.  

Finally, to determine whether the changes in T-cell function were associated 

with one another, the percentage change in each measure of T-cell function was 

calculated between the high and low LDL-C conditions, and a spearman correlation 

matrix was performed to correlate the changes in each measure of CD4+ and CD8+ T-

cell function with one another (Fig 3.8A&B).  

In CD4+ T-cells we found that the increase in intracellular lipids was 

associated with an increase in activation following treatment with high LDL-C 

(R=0.69, p=0.016), which was associated with increased mtROS (R=0.88, 

p=0.00033). Although it was not associated with activation, increased basal ECAR 

was associated with increased mtROS (R=0.61, p=0.24). CD4+ T-cell activation was 

also associated with an increase in activated effector memory (R=0.57, p=0.036) and 

senescent T-cells (R=0.70, p=0.0072). The increase in activation was also associated 

with increased intracellular IL-10 (R=0.59, P=0.046) and IL-1β production (R=0.97, 

P=0.0000061). Effector memory and senescent T-cells were also associated with 

increased IL-6 and IL-1β (Figure 3.8). These data indicate that increases in activation 

and glycolysis in CD4+ T-cells may increase oxidative stress and inflammation. 

We next assessed whether the changes in CD8+ T-cell function following the 

treatment with high LDL-C were associated with one another. Like in CD4+ T-cells, 

we found that the increase in CD8+ basal ECAR in response to LDL-C was also 

associated with increased CD8+ T-cell mtROS production (R=0.71, p=0.043), as was 

the decrease in the ratio of basal OCR/ECAR (R=-0.69, p=0.023). These findings 

suggest that greater glycolytic activity may promote a greater the production of 
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mtROS. Additionally, the reduction in CD8+ basal OCR was associated with increased 

production of anti-inflammatory cytokine IL-10 (R=0.57, p=0.035) and pro-

inflammatory cytokine IL1-β (R=0.86, p=0.00028) in CD8+ T-cells. Thus, the 

reduction in mitochondrial respiration following the treatment with high LDL-C could 

increase the inflammatory phenotype of the cell. The increase in activation was also 

associated with increased effector memory (R=0.85, p=0.00043) and a decrease in 

naïve T-cell populations (R=-0.71, P=0.0086) which could indicate that the effector 

memory T-cells are activated because of decreased naïve CD8+ T-cell populations 

following treatment with high LDL-C. An increase in CD8+ mtROS following 

treatment with high LDL-C was associated with increased activation (R=0.63, 

p=0.044) and effector memory populations (R=0.76, p=0.031). Like in CD4+ T-cells, 

these data indicate that increased T-cell activation or activated effector memory 

populations increases oxidative stress.   
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Figure 3.8. The Associations Between Measures of CD4+ and CD8+ T-cell Function in 

Response to LDL-C. A) Spearman correlations between the percentage changes in CD4+ T-

cell function following treatment with high compared with low LDL-C. B) Spearman 

correlations between the percentage changes in CD8+ T-cell function following treatment with 

high compared with low LDL-C. *p<0.05. δ indicates significance p<0.05 for changes in 

measures of T-cell function that were close to, but not significant (<0.07).  
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3.4 Discussion 

We found that exogenous treatment of CD4+ and CD8+ T-cells with higher 

LDL-C induced T-cell activation and impaired mitochondrial respiration, shifting T-

cells towards a more glycolytic metabolism. Our data also suggest that T-cell 

activation and alterations in mitochondrial function may accelerate T-cell 

differentiation and contribute to T-cell senescence, as evidenced by the observed 

decrease in the proportion of central memory T-cells, and the increase proportion of 

effector memory and terminally differentiated T-cells. The highest LDL-C condition 

also increased mitochondrial oxidative stress and inflammation in both CD4+ and 

CD8+ T-cells, which may have been a result of the impaired mitochondrial function 

and increased glycolysis, T-cell activation, and/or the shift towards activated effector 

memory and senescent cells. Collectively, these findings may indicate that the 

characteristic increase in endogenous LDL-C observed with normal aging 57 may 

cause accelerated T-cell aging, contributing to the inflammaging phenotype.  

When T-cells are activated, they undergo a metabolic shift to quickly produce 

energy to respond to a pathogen, resulting in increased glycolysis, and to an extent 

increased oxidative phosphorylation 3,84–86. Our data support a role for LDL-C in 

initiating this process, as we found higher LDL-C increased CD4+ and CD8+ T-cell 

activation and this was correlated with increased glycolytic activity and mtROS 

production. These data are consistent with our hypothesis that LDL-C activates T-

cells, impairing oxidative phosphorylation, and shifting T-cells towards glycolytic 

metabolism, resulting in increased generation of mtROS. 

LDL-C has been shown to act as an “neo-antigen” as it is bound to the major 

histocompatibility complex (MHC) for presentation by antigen-presenting cells 

(APCs) 51–53. T-cells that are reactive to LDL-C as a neo-antigen become more pro-
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inflammatory, including normally anti-inflammatory CD4+ regulatory T-cells 52. APCs 

were not present in culture with the T-cells; thus, it seems unlikely APCs are 

presenting LDL-C to T-cells. This seems to suggest that T-cells are activated 

independently of MHC-antigen presentation to even moderately elevated LDL-C 

concentrations. This is supported by the observation that there were limited 

associations between changes in measures of T-cell function and the increase in 

intracellular lipids following high LDL-C treatment. Despite these data, it is possible 

that the accumulation of cholesterol in the cell is altering mitochondrial function in 

other ways, for example by inducing mitochondrial DNA damage, inhibiting the 

transport of antioxidants into the mitochondria, or decreasing mitochondrial mass 50,75.  

Aging is associated with thymic involution and a reduced T-cell repertoire, 

resulting in an imbalance of naïve to memory T-cells and an accumulation of 

senescent T-cells 28. It is possible that age-related elevations in LDL-C exacerbate 

these population imbalances and drive increases in senescent T-cells earlier in life. In 

accordance with this hypothesis, we observed an increase in both CD4+ and CD8+ 

effector memory and terminally differentiated or senescent T-cells, and a decrease in 

CD4+ and CD8+ central memory T-cells and a decrease in CD8+ naïve T-cells 

following treatment with high LDL-C. These data may suggest activation of naïve T-

cells andre-activation of central memory T-cells and differentiation into effector 

memory T-cells or, for those cells that have been repetitively activated, a transition to 

senescence. Indeed, increased activation was associated with a decrease in the 

proportion of CD4+ central memory cells and CD8+ naïve T-cells, and an increased 

proportion of CD4+ and CD8+ effector memory and CD4+ senescent T-cells. 

Treatment with LDL-C also increased the proportion of effector memory and 
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terminally differentiated (senescent) T-cells. This is consistent with a recent 

publication showing that intracellular cholesterol accumulation modulates the 

senescent phenotype, and that these cells exhibit increased glycolytic gene expression 

224. Our data suggest that chronically elevated LDL-C concentrations may induce early 

T-cell aging through repetitive activation, leading to activated and senescent pro-

inflammatory T-cells. In this respect, we found that treatment with high LDL-C 

increased the production of pro-inflammatory cytokines IL-6 and IL-1β and anti-

inflammatory cytokine IL-10 in both CD4+ and CD8+ T-cells. Thus, preserving 

mitochondrial function by maintaining low concentrations of LDL-C will be important 

to prevent the accumulation of glycolytic, pro-inflammatory senescent cells. 

We also found that treatment with high LDL-C increased proton leak, which is 

a marker of mitochondrial damage 225,226 in both CD4+ and CD8+ T-cells. LDL-C has 

been linked to increased mitochondrial damage and decreased mitochondrial 

respiration in other cells, such as macrophages, in part because of decreased 

antioxidant capacity, mitochondrial DNA, and mitophagy, and increased 

mitochondrial oxidative stress 50, so it is possible these mechanisms are conserved in 

T-cells. Although, we did not measure T-cell antioxidant capacity, mitochondrial 

DNA, or mitophagy in this study, mitochondrial oxidative stress did was increased.  

High LDL-C treatment impaired basal OCR and ATP-linked OCR and augmented 

proton leak. Our findings are consistent with a previous study showing that treatment 

with LDL-C in γδ T-cells decreased in ATP production, mtDNA, and mitochondrial 

mass following treatment with LDL-C 75. However, it is worth noting that they also 

saw a decrease in ROS, impaired T-cell activation, and impaired INF-γ production 75. 

This study used a very low concentration of LDL-C (e.g., 10 mg/dL), and it is possible 
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that T-cells may require a certain concentration of LDL-C for normal physiologic 

function. This prior study also highlights the importance of the LDL receptor to 

cellular function, and its relation to cholesterol uptake. Thus, it may be difficult to 

dissociate the effect of the cellular uptake from the cholesterol in the LDL-P from the 

interaction between the LDL-P and the membrane receptor.  

This study has a few limitations. Many of these mechanisms are integrated 

(e.g., oxidative stress and mitochondrial respiration), thus it is difficult to determine 

causality from our present dataset. We were also not able to discern the effects of the 

LDL-P interacting with the membrane receptor and from the effect of LDL-C itself. 

As we saw that lipid accumulation was not associated with many markers of T-cell 

function, it is likely that LDL-P is exerting these effects through its interaction with 

the membrane receptor. Future studies should consider blocking the LDL-P receptor 

or depleting cholesterol from the LDL-P to confirm these findings in αβ T-cells. We 

also did not measure functional senescent markers (e.g., senescence-associated β-

galactosidase, senescence marker protein-30, p53, or p16) or a quantitative measure of 

glycolysis, and future studies should incorporate these functional markers of 

senescence and more exact measures of glycolysis.  

To have a representative sampling of middle-aged adults, we recruited 

participants with a wide range of blood LDL-C concentrations (69-149 mg/dL) that 

were not on lipid lowering medications. We intended to treat T-cells from these 

participants at much higher concentrations of LDL-C (e.g., 200 mg/dL); however, 

discrepancies in reported LDL-C concentrations by the manufacturers led to us 

treating the cells with lower concentrations than expected. Thus, the “high” LDL-C 

treatment might not have provided a robust stimulus in participants with “borderline 
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high” endogenous LDL-C (≥130 mg/dL) concentrations 227 that were still below 150 

mg/dL. However, despite this discrepancy, these data have important clinical 

implications. We found that treatment with exogenous LDL-C concentrations that 

within ranges considered “borderline high” (e.g., 133 mg/dL & 142 mg/dL) appears to 

induce significant T-cell dysfunction. Additionally, to isolate the direct effect of LDL-

C, T-cells were treated with LDL-C in a serum free medium. This media did not any 

other lipids that are normally found in blood. Thus, it is possible that the interaction 

between other blood lipids, such as high-density lipoprotein cholesterol (HDL) and T-

cells may have yielded different results. Considering that HDL-C can act as an anti-

inflammatory 228,229, future studies should explore the protective role of HDL-C on T-

cell function.  Our data may indicate that patients who are otherwise healthy but have 

borderline high LDL-C may be at an increased risk of inflammation and premature 

immune aging. We also did not have an equal proportion of male and female 

participants, and future studies should investigate whether sex differences exist in T-

cell response to LDL-C.  

One strength of our experimental design is that the removal of APCs provided 

novel evidence that T-cells are activated by LDL-C independent of MHC presentation. 

However, this strength can also be a weakness because in vitro experiments inherently 

remove some translational impact. It is possible that if PBMCs had been treated with 

LDL-C that the interaction between T-cells and other mononuclear cells might have 

yielded different results. Different LDL-C concentrations were used for the seahorse 

and flow cytometry experiments, with the concentration for the seahorse experiment 

being 9 mg/dL lower. This was caused by an LDL-C shortage from one supplier, 

causing us to have to use LDL-C from a different supplier towards the end of the 
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study. It is possible that if a higher concentration had been used for the Seahorse 

experiments, we might have seen more robust effects of the LDL-C treatment. 

In conclusion, exogenous treatment with high concentrations of LDL-C 

induced age-related dysfunction in T-cells from middle-aged adults. LDL-C treatment 

impaired basal mitochondrial respiration and ATP-linked respiration and increased 

glycolytic metabolism in CD4+ and CD8+ T-cells. Additionally, LDL-C increased T-

cell activation, differentiation, oxidative stress, lipid accumulation, and inflammation. 

Many of these changes were associated with each other, indicating the relation 

between changes in T-cell bioenergetics, activation, inflammation, differentiation, and 

senescence. Furthermore, these data show that LDL-C may be detrimental 

independent of risk for atherosclerosis, and to prevent inflammation, clinicians may 

consider early intervention in healthy adults with borderline high LDL-C.   

CONCLUSIONS 

4.1 Summary 

Animal models have shown that T-cells are important modulators of 

cerebrovascular function by regulating inflammation and oxidative stress 39–41. Shifts 

in T-cell metabolism from oxidative to glycolytic can increase inflammation 3,28,42,230 

and impaired oxidative metabolism can increase oxidative stress 45,83,231. We found 

that T-cell metabolism was predictive of cerebrovascular function in middle-aged 

adults with glycolytic CD8+ T-cell metabolism being predictive of lower middle 

cerebral velocity (MCAv) breath-hold index (BHI). Specifically, changes in CD8+ T-

cell metabolism may alter the sympathetic response and vasoconstriction in response 
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to the breath-hold, resulting in an impaired pressor response. This was evidenced by 

the fact that the pressor response mediated the relation between CD8+ T-cell 

metabolism and MCAv BHI, and that the peak total peripheral resistance during the 

breath-hold was negatively correlated with CD8+ T-cell glycolytic metabolism.   

Importantly, factors that contribute to glycolytic T-cell metabolism may induce 

accelerated cerebrovascular aging via increased inflammation and oxidative stress. In 

this regard, we showed that treatment with a “high” exogenous concentration of low-

density lipoprotein cholesterol (LDL-C) impaired mitochondrial respiration and 

increased glycolysis and the production of pro-inflammatory cytokines and 

mitochondrial oxidative stress in CD4+ and CD8+ T-cells. We also found that 

treatment with high LDL-C resulted in T-cell activation and increased the proportion 

of senescent CD4+ and CD8+ T-cells. Changes in many of these measures of T-cell 

function in response to LDL-C treatment were correlated with each other, indicating 

how integrated these mechanisms are.  

4.2 Perspectives 

The concentrations of cholesterol were within physiological ranges and would 

be considered “borderline high” by clinical standards 227. These data suggest that even 

moderately high endogenous LDL-C concentrations can lead to pre-mature immune 

aging, resulting in elevated inflammation and oxidative stress in otherwise healthy 

adults.  Early interventions should be considered to prevent moderate increases in 

LDL-C and resulting deleterious changes in T-cell function. This is especially true of 

CD8+ T-cells, where even subtle changes in metabolism in healthy adults can result in 

altered cerebrovascular function. Future studies should explore the regulation of 
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cerebrovascular function by T-cells in diseased populations with broader ranges of 

LDL-C. Targeting T-cell metabolism may be a novel therapeutic to combat age-

related diseases that result from accelerated immune aging and increased inflammation 

and oxidative stress, such as AD.  
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Supplementary Figure A.1. Seeding Density Titration Experiment. A) Pan T-cells 

were seeded and treated with three low and high doses of FCCP. Oxygen consumption 

rate (OCR) was then measured using extracellular flux analysis. B) Pan T-cells were 

seeded at a density of 300,000 cells/well and 400,000 cells/well and treated with 

varying concentrations of FCCP. OCR was then measured using extracellular flux 

analysis. 
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SUPPLEMENTARY METHODS 

Mito Stress Test Definitions: 

• Basal respiration – represents the basal energetic demand of the cells by 

measuring oxygen consumption at baseline 225,232. 

• ATP-linked O2 consumption – represents the amount of ATP produced to meet 

the basal energetic demand of the cell. The injection of oligomycin inhibits ATP 

synthase, reducing electron flow through the ETC 225,232.   

• Proton leak – represents oxygen consumption that is not linked to the production 

of ATP. It can also be indicative of mitochondrial damage 225,232.  

• Maximal respiration – represents the maximal response to an energetic demand 

by measuring oxygen consumption by complex IV after the injection of FCCP. 

FCCP uncouples the proton gradient in the electron transport chain (ETC), and 

thus uncouples ATP synthase from the ETC 225,232.  

• Spare respiratory capacity – represents the capacity of a cell to respond to an 

energetic demand. It is indicative of the cells “fitness” 225,232.  

• Non-mitochondrial O2 consumption – represents oxygen consumed by processes 

other than oxidative phosphorylation. It is calculated after the injection complex 

I and complex III inhibitors 225,232. 

• Coupling Efficiency – represents the proportion of basal respiration that is 

related to ATP production 192.  

Mito Stress Test Calculations: 



 

 124 

1. Basal respiration = (Last rate measurement before oligomycin injection) – (Non-

mitochondrial oxygen consumption) 

2. ATP-Production Coupled Respiration = (Last rate measurement before 

Oligomycin injection) – (Minimum rate measurement after Oligomycin injection) 

3. Proton Leak = (Minimum rate measurement after Oligomycin injection) – (Non-

mitochondrial oxygen consumption) 

4. Maximal Respiration = (Maximum rate measurement after FCCP injection) – 

(Non-mitochondrial oxygen consumption) 

5. Spare Respiratory Capacity = (Maximal Respiration) – (Basal Respiration) 

6. Coupling Efficiency = (ATP-Production Coupled Respiration) / (Basal 

Respiration) x 100 

Glycolysis Definitions: 

• Basal glycolysis – represents the contribution of glycolytic processes to meet 

basal energetic demands by measuring ECAR at baseline. 

• Maximal glycolysis – represents the maximal glycolytic response to an energetic 

demand by measuring ECAR following FCCP injection.  

• Basal OCR/ECAR ratio – represents the metabolic phenotype at baseline.  

• Maximal OCR/ECAR ratio – represents the shift in metabolic phenotype in 

response to an energetic demand.  

Glycolysis Calculations: 

1. Basal glycolysis = (Last rate measurement before oligomycin injection) 

2. Maximal glycolysis = (First rate measurement after FCCP injection) 

3. Basal OCR/ECAR ratio = (basal respiration) / (basal glycolysis) 
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4. Maximal OCR/ECAR ratio = (maximal respiration) / (maximal glycolysis) 
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